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 Cadherin complexes are crucial intercellular adhesions that transduce force fluctuations at junctions 
to activate signals that reinforce stressed intercellular contacts. α-Catenin is an identified force sensor 
within cadherin complexes. Mechanical force regulates binding of α-catenin to the actin-binding protein 
vinculin and to the actin cytoskeleton itself. This regulation is accomplished through distinct 
conformational changes in the α-catenin central modulatory (M) domain and the C-terminal actin-binding 
domain (ABD), respectively. 
 Force-induced unfurling of the M domain exposes a cryptic vinculin-binding site, resulting in 
increased vinculin binding under tension. Previous studies found that a cooperative network of salt 
bridges stabilizes the autoinhibited conformation of the M domain. Studies described in this dissertation 
established that disruption of salt bridges within the M domain triggers the activation (unfurling) of α-
catenin to bind vinculin, both at equilibrium and under tension. These studies compared wild-type (WT) 
α-catenin to salt-bridge mutants designed to disrupt a key interaction within the salt-bridge network. 
Binding measurements quantified enhanced vinculin binding by a salt-bridge mutant, allowing the 
calculation of an equilibrium constant between the autoinhibited and active conformations of α-catenin. 
Equilibrium molecular dynamics (MD) simulations indicated that disrupting the salt-bridge network 
destabilizes the autoinhibited conformation of α-catenin. Imaging of live cells expressing a Fӧrster 
resonance energy transfer (FRET)-based α-catenin conformation sensor demonstrated that salt-bridge 
disruption promotes α-catenin unfurling under steady-state tension. Furthermore, a constant-force steered 
molecular dynamics (SMD) simulation of the M domain suggested the adoption of an intermediate 
conformation during force-induced activation, and identified a novel load-bearing salt bridge within this 
structure. 
 The mechanism underlying tension-dependent strengthening of the α-catenin/actin linkage has not yet 
been established. MD simulations presented in this dissertation suggested force-induced conformational 
changes within the α-catenin ABD that increase the affinity for actin. Constant-force simulations of two 
α-catenin isoforms showed that force unfolds a short α-helix within the ABD while leaving the rest of the 
domain intact. Equilibrium MD simulations showed that a mutation designed to mimic this partially 
unfolded conformation resulted in exposure of a buried residue in the putative actin-binding site. These 
results suggest that tension-dependent conformational changes allosterically regulate actin binding by 
promoting a high-affinity conformation of the ABD. 
 Single-molecule measurements of α-catenin unfolding by atomic force microscopy (AFM) 
investigated the mechanism of force-induced unfolding of the α-catenin M domain. The preliminary data 
presented in this dissertation demonstrated that the mechanical stability of α-catenin is too low for 
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unfolding of the multiple independently folded domains within the M region to be consistently resolved 
by AFM. Nonetheless, the results were qualitatively consistent with other studies of α-catenin unfolding. 
 The studies described in this dissertation provide molecular-level details of α-catenin-dependent 
reinforcement of stressed cell-cell adhesions. This reinforcement occurs through two distinct mechanisms: 
tension-dependent binding of vinculin at junctions, and force-induced enhancement of direct actin 
binding. These findings deepen our understanding of how force-dependent changes in the conformation of 
α-catenin transduce force at cell-cell junctions, which is critical for understanding diverse cellular 
processes such as maintenance of tissue integrity and embryonic development, as well as disease-related 
events such as cancer metastasis. 
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Chapter 1. Introduction 
1.1. Cadherin mechanotransduction 
 The organization of cells into tissues requires cadherin-mediated cell-cell adhesion.1 Dynamic 
modulation of cadherin-mediated adhesion is required for a wide variety of cellular processes throughout 
an organism’s lifespan, from tissue morphogenesis to homeostasis. These processes including cell sorting 
and rearrangement to form tissues, controlled turnover in dynamic tissue environments such as the 
intestinal lining and skin epithelium, wound healing, and the maintenance of tissue integrity to prevent 
tumor invasion and metastasis.2,3 Thus understanding cadherin-mediated cell-cell adhesion is crucial to 
our understanding of the mechanisms underlying healthy tissue function as well as disease progression. 
 Cadherins mediate adhesion through calcium-dependent adhesive interactions between the 
extracellular domains of identical cadherin proteins on adjacent cells.4 The intracellular domain of 
cadherin binds β-catenin, which binds the actin-binding protein α-catenin (Figure 1.1A).5–7 Thus the 
cadherin-catenin complex links the actin cytoskeletons of adjacent cells.8,9 In addition to this passive 
mechanical link, the cadherin-catenin complex actively senses and responds to force across cell-cell 
adhesions.10–13 For example, tension applied to cadherin junctions by inducing twisting torque on E-
cadherin-coated magnetic beads bound to E-cadherin-expressing epithelial cells resulted in increased 
stiffness of the bead-cell junctions.11 This stiffening response is actuated by recruitment of actin to the 
stressed junction and α-catenin-dependent reinforced actin anchoring.14 The transduction of mechanical 
force into a biochemical response is termed mechanotransduction. Cadherin mechanotransduction enables 
cells to calibrate the strength of cell-cell adhesions in response to tension.15 This tension can arise 
endogenously, from contractility of the cell’s own actin cytoskeleton, or exogenously, from contractility 
of adjacent cells or tissue-scale movements such as those experienced during morphogenesis. 
 Increased tension across cadherin adhesions triggers the reinforcement of stressed cell-cell junctions 
through an incompletely understood process that involves recruitment of vinculin to the junctions.11,14,16,17 
Vinculin is an autoinhibited protein composed of a tail domain that binds actin and a head domain that 
binds various protein ligands, including α-catenin.18–20 Vinculin autoinhibition is effected by a nanomolar-
affinity association between its head and tail domains.18 Concomitant binding of ligands to each domain 
relieves this autoinhibition and activates vinculin.21 Recruitment of vinculin to cell-cell adhesions seems 
to require phosphorylation by Abelson (Abl) tyrosine kinase, which is activated by application of force 
across cadherin junctions.22 Tension across junctions also activates α-catenin, by inducing a 
conformational change that exposes a vinculin-binding site (VBS).13,23,24 At junctions, activated vinculin 
binds both activated α-catenin and actin, securing the cadherin-catenin complex to the cytoskeleton 
(Figure 1.1B).13,23,25,26 Vinculin activation also recruits the Mena/VASP protein complex, which promotes 





Figure 1.1 Diagram of cadherin-mediated cell-cell junctions under low (A) or high (B) tension. 
1.2. α-Catenin 
α-Catenin is essential for cadherin-mediated cell-cell adhesion.28–30 E-cadherin/α-catenin chimeras 
rescue adhesion in cell lines that lack the cadherin-catenin complex, despite the lack of β-catenin.31,32 
Inclusion of α-catenin residues 509-643 in the cadherin-catenin chimeras was necessary and sufficient to 
induce cell adhesion.8 However, this adhesion was weak and easily disrupted by pipetting, in contrast to 
the strong adhesion displayed by chimeras including the C-terminal actin-binding region of α-catenin. 
Furthermore, disruption of the actin cytoskeleton returned cells to the weakly adhesive state.8 Later 
studies demonstrated that C-terminally truncated α-catenin also conferred a weakly adhesive phenotype to 
α-catenin-deficient cells.6 Together, these results demonstrate that robust cell-cell adhesion requires 
linkage of cadherin junctions to the actin cytoskeleton through α-catenin. 
Mutation and loss of expression of α-catenin have been implicated in a wide range of diseases, 
including macular dystrophy,33 cardiomyopathy,34 and metastatic cancer.29,35 In addition, α-catenin plays a 
crucial role in embryonic development.36–38 Deletion of α-catenin mimics loss of E-cadherin function, 
suggesting that the importance of α-catenin in development stems from its critical role in cadherin-based 
adhesion.38 Interestingly, expression of α-catenin truncated at residue 632,37 which retains nearly all of the 
region required for weak adhesion (509-643)8 but eliminates the C-terminal actin-binding region, induces 
in mice a loss-of-function phenotype that resembles that of nonfunctional cadherin.37 This observation 
suggests that the deleterious impact of loss of α-catenin function is intimately linked to its ability to 
connect cadherin adhesions to the actin cytoskeleton, and perhaps to its ability to support cadherin-based 
mechanotransduction. 
The α-catenin structure (Figure 1.2) comprises three major functional domains: the N-terminal β-
catenin binding/homodimerization (N) domain, the core modulatory (M) domain, and the C-terminal 
actin-binding (C) domain.26,39 The M domain is composed of three α-helix bundles, MI-MIII. The three 
vinculin homology (VH) domains present in α-catenin40,41 are also indicated in Figure 1.2. VH1 maps 
onto the N domain, VH2 onto M, and VH3 onto C. Unlike vinculin, the N- and C-terminal domains of α-
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catenin do not interact.26,39 Vinculin contains an additional α-helix bundle between VH1 and VH2, as well 
as a proline-rich hinge region between VH2 and VH3, which each contribute to the tighter autoinhibition 
exhibited by vinculin compared to α-catenin.21,26 
 
 
Figure 1.2 α-Catenin structure, taken from PDB ID 4IGG.39 α-Catenin consists of three major domains: the N-
terminal (N, blue), modulatory (M), and C-terminal (C, red) domains. The M domain contains three four-helix 
bundles: MI (green), MII (yellow), and MIII (orange). The domain map below the structure indicates the amino acid 
residues corresponding to each functional domain, as well as the vinculin homology domains (VH1-3) and selected 
binding sites. 
In solution, α-catenin dimerizes through its N-terminal domain.42 The homodimerization site overlaps 
with the β-catenin-binding site, so α-catenin dimers cannot bind β-catenin and are therefore localized in 
the cytosol rather than at junctions.9,42–45 α-Catenin homodimers can bundle actin, suggesting that dimeric 
α-catenin organizes actin at cell-cell contacts.5 At high concentrations, α-catenin homodimers inhibit the 
Arp2/3 complex, which nucleates branched actin filaments, by competing for actin binding and/or by 
altering the conformation of actin filaments at the site of Arp2/3 binding.45–47  These observations suggest 
that α-catenin dimerization promotes the formation of stable cell-cell contacts associated with bundled, 
linear rather than branched actin filaments.45,47 This mechanism requires high local concentrations of α-
catenin, which could be accomplished by recruitment of α-catenin to nascent cadherin adhesions and 
subsequent exchange of monomeric, junctional α-catenin with the cytosolic homodimer 
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population.44,45,48,49 Furthermore, dimeric α-catenin seems to adopt a different conformation than the 
monomer, leaving open the possibility that exchange of α-catenin in different conformations might affect 
its function.45 However, the potential contribution of α-catenin homodimers to cell-cell adhesion has not 
been unambiguously demonstrated.9,45,48,49 
The force-induced conformational change underlying α-catenin’s role in mechanotransduction at 
cadherin-mediated junctions occurs in the M domain.13 Under tension, the MI helix bundle unfurls to 
reveal a vinculin-binding site (VBS), which is encrypted by intramolecular interactions within MI in the 
autoinhibited conformation.23,24,26,39 MII-MIII act as an inhibitory domain, maintaining the closed 
conformation of α-catenin by stabilizing the MI bundle within the λ-shaped M domain structure (see 
Figure 1.2).26,50 Tension disrupts interdomain interactions between MI and MII-MIII, which destabilizes the 
entire M domain and promotes α-catenin unfurling.26,50 This force-dependent activation of α-catenin has 
been demonstrated by single-molecule force measurements in vitro and by Förster resonance energy 
transfer (FRET) measurements of an α-catenin conformation sensor in vivo.24,51 
A crystal structure of α-catenin NM (the N-terminal and modulatory domains) suggested that a salt-
bridge network within the M domain stabilizes the autoinhibited conformation of α-catenin.26 A vinculin 
pulldown assay revealed increased vinculin binding by the E521A and especially the R551A salt-bridge 
mutants of α-catenin, further supporting the role of salt bridges in maintaining α-catenin autoinhibition.26 
Equilibrium molecular dynamics (MD) simulations of the α-catenin M domain showed that its structure 
was perturbed by in silico mutation of specific amino acid residues involved in salt bridges within the 
network, and confirmed that the R551A mutation had the greatest destabilizing effect.50 Importantly, 
these studies investigated the α-catenin structure in the absence of tension. Rupture of salt bridges under 
force in a steered molecular dynamics (SMD) simulation of the α-catenin M domain preceded a change in 
the relative orientations of MII and MIII; however, MI remained intact during these simulations. Chapter 2 
of this thesis presents an extended SMD simulation that captures unfurling of the M domain under 
constant force, as well as in vivo evidence of the role of salt bridges in force-dependent activation of α-
catenin. 
 In addition to α-catenin/vinculin binding, the interaction between α-catenin and F-actin is also 
tension-dependent. Binding to β-catenin allosterically diminishes binding of α-catenin to actin, such that 
simultaneous binding of α-catenin to β-catenin and actin was not observed in solution.45 Based on this 
observation, an alternate mechanism for the dependence of cell adhesion on α-catenin/actin binding was 
proposed, which involved binding and organization of actin by cytosolic dimers dynamically exchanging 
with junctional monomers.45 However, a subsequent study demonstrated the cadherin-catenin complex 
readily binds actin under tension.7 Thus the failure of α-catenin to simultaneously bind actin and β-catenin 
was due to the lack to tension in the solution binding assay. In contrast to a typical slip bond, the lifetime 
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of which decreases with force, the α-catenin/actin interaction is a catch bond, an interaction whose 
lifetime increases under moderate tension.7,52 The molecular basis of the catch bond between α-catenin 
and actin is investigated in Chapter 3. 
α-Catenin contains binding sites for several actin-binding proteins beyond vinculin, including 
epithelial protein lost in neoplasm (EPLIN), ZO-1, α-actinin, formin, and afadin.8,53–56 α-Catenin binds 
EPLIN and ZO-1 through its C-terminal domain.8,56 Thus these proteins might facilitate actin binding 
under low tension, when α-catenin is in the weak actin-binding state. The α-actinin-binding site overlaps 
with the vinculin-binding site in α-catenin MI.23,53 The region of α-catenin responsible for formin binding 
was identified as amino acid residues 300-500,54 so formin binding might occur through MI and/or MII. 
The isolated afadin-binding domain (residues 385-651), which roughly maps onto MII-MIII (396-635), 
binds more afadin than full-length α-catenin, suggesting that the afadin-binding site is encrypted.55 
However, force-dependent binding between α-catenin and any of these proteins has not yet been 
demonstrated. 
α-Catenin exists as three isoforms, named for the tissues in which each is primarily expressed: E 
(epithelial), N (neural), and T (testis and heart).3 The studies in this thesis focus on αE-catenin, which was 
the first α-catenin isoform identified and is ubiquitously expressed in epithelial tissues.3,41 Chapter 3 also 
discusses αN-catenin, which shares ~80% sequence identity with αE-catenin.3 
1.3. Techniques used in this thesis 
1.3.1. Fӧrster resonance energy transfer (FRET) 
 Fӧrster resonance energy transfer (FRET) refers to the nonradiative transfer of energy from an excited 
donor fluorophore to a lower-energy acceptor fluorophore with an excitation spectrum that overlaps with 
the emission spectrum of the donor.57,58 The excited acceptor then relaxes through photon emission 
(fluorescence). Thus when FRET occurs, excitation of the donor results in emission by the acceptor 
(Figure 1.3). The FRET efficiency (E) is the probability of donor relaxation occurring through FRET 
rather than other decay mechanisms. FRET efficiency depends on the distance (R) and the spectral 
overlap between the donor and acceptor. The spectral overlap is typically quantified as a Fӧrster radius 
(R0), the distance at which the FRET efficiency is 50% for a particular donor/acceptor pair. Thus the 





The relative orientation of the donor and acceptor dipoles also affects the FRET efficiency. The Fӧrster 
radius R0 is calculated using an orientation factor, κ2 = 2/3, that assumes free rotation of the donor and 
acceptor and therefore random relative orientations between them.57 If this condition is not met, the FRET 




Figure 1.3 Cartoon showing Fӧrster resonance energy transfer (FRET) between enhanced cyan fluorescent protein 
(ECFP) and yellow fluorescent protein for energy transfer (YPet). At long distances (left), excitation of the donor 
results in donor emission at 495 nm. At distances comparable to the Fӧrster radius R0 (right), FRET occurs, so donor 
excitation results in acceptor emission at 525 nm.  
 Due to the strong distance dependence of FRET and typical values of R0 on the order of several 
nanometers, FRET microscopy has been widely used in the biological sciences as a so-called 
‘spectroscopic ruler.’59,60 When potential binding partners are each tagged with a donor or acceptor 
fluorophore, FRET will be observed only when the species are located within a distance of ~2R0.57 The 
nanometer-scale proximity required for FRET typically indicates binding between the tagged molecules, 
making FRET microscopy a useful tool for detecting protein-protein interactions.57,61 Furthermore, 
intramolecular FRET can provide information about protein conformation, if a single protein is tagged 
with a donor and acceptor such that efficient FRET occurs in one biologically relevant conformation but 
not another.57,60 A FRET-based conformation sensor was recently developed for α-catenin by inserting 
enhanced cyan fluorescent protein (ECFP) and yellow fluorescent protein for energy transfer (YPet) into 
full-length α-catenin at positions flanking the M domain.51 Real-time, force-induced activation of α-
catenin was demonstrated in live cells expressing the α-catenin conformation sensor.51 Chapter 2 
describes the use of this sensor to study the role of salt bridges in determining the conformation of α-
catenin in vivo. 
1.3.2. Molecular dynamics simulations 
 Molecular dynamics (MD) simulations allow examination of biophysical mechanisms with atomic-
level detail. Equilibrium simulations aim to reveal the dynamic conformations of proteins in solution, as 
opposed to the static structures captured by traditional structural determination methods such as X-ray 
crystallography.62 Steered molecular dynamics (SMD) simulations involve application of force to 
partially or fully unfold the protein in a physiologically meaningful manner. The use of MD simulations 
to study force-induced unfolding of the α-catenin M and C domains (see Figure 1.2) is described in 
Chapters 2 and 3, respectively. These simulations were performed using Nanoscale Molecular Dynamics 
(NAMD),62,63 molecular dynamics software developed by the Theoretical and Computational Biophysics 
Group in the Beckman Institute for Advanced Science and Technology at the University of Illinois at 
Urbana-Champaign, and the Chemistry at Harvard Molecular Mechanics (CHARMM) force field for 
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proteins and ions.64–66 The molecular graphics program Visual Molecular Dynamics (VMD)67 was used 
for simulation setup and analysis. Documentation and tutorials describing the use of VMD and NAMD 
are available on the official VMD page (http://www.ks.uiuc.edu/Research/vmd/). 
 MD simulations run by NAMD require four files: 1) a Protein Data Bank68 (pdb) file that contains 
atomic coordinates for the protein, 2) a protein structure file (psf) that defines the bonds and angles 
between the atoms, 3) a force field parameter file that defines the bonded and nonbonded interactions 
between the atoms, and 4) a configuration file that contains the commands needed to run the simulation. 
To set up a simulation, the protein (defined by a set of pdb and psf files) is solvated in explicit solvent, 
with an ionic strength set by introducing ions to the solution. New pdb and psf files that contain the 
atomic coordinates and connectivity for the protein, water molecules, and ions are created using VMD. 
The simulation is then run according to the settings defined in the configuration file. The results are 
written to a trajectory file, which can be loaded into VMD for viewing and/or analysis. 
 The first step of the MD simulation is to perform energy minimization in order to correct steric 
clashes introduced by random placement of explicit water molecules and ions, or crystallization-induced 
artifacts within the protein structure. Energy minimization is also required to optimize the positions of 
hydrogen atoms within the protein, which are not resolved in crystal structures and therefore must be 
guessed during psf generation. After energy minimization, the protein structure is immersed in a thermal 
bath to simulate equilibration. The movement of each atom is determined by its interactions with the other 
atoms in the system, as defined by the force field.62 The structure is equilibrated when the conformation 
has stabilized, as indicated by a relatively constant root-mean-square deviation (RMSD) from the initial 
structure. The equilibrated structure can be used as a starting point for SMD simulations, in which force is 
applied across specific atoms. The force can be applied at a constant pulling rate (constant-velocity SMD) 
or held at a constant value (constant-force SMD). 
 In this thesis, MD simulations were performed in an NVT (constant number, temperature, and 
volume) ensemble using periodic boundary conditions. Periodic boundary conditions eliminate artifacts 
arising from surface effects at the boundary of the system.62 Short-range, non-bonded interactions are 
calculated using a user-defined cutoff distance that reduces the computational time needed by ignoring 
negligible interactions between well-separated atoms. Long-range electrostatic forces in simulations with 
periodic boundary conditions are often computed using the Particle Mesh Ewald (PME) method, which 
determines the forces on each atom from the charges distributed across a three-dimensional grid (‘particle 
mesh’).69 
1.3.3. Biolayer interferometry 
 Chapter 2 discusses the use of biolayer interferometry (BLI) measurements to determine the 
dissociation constant for binding between α-catenin and vinculin. BLI is a technique used to monitor 
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binding between two species by measuring the increase in analyte binding to a ligand-loaded sensor.70,71 
The sensors used in BLI contain an optical fiber through which light is directed to the sensor tip, then 
reflected back to a detector at the base. The interference between light reflected from the sensor surface 
and from an internal reference surface is measured as a function of wavelength. As protein binds to the 
ligand-loaded sensor, the interference pattern shifts due to the longer distance traveled by the light 
reflected from the protein layer on the sensor surface (Figure 1.4). This shift in interference pattern is 
monitored over time to follow the kinetics of the receptor-ligand interaction.70,71 
 
 
Figure 1.4 Basis of biolayer interferometry (BLI) measurements. White light is directed down the sensor through an 
optical fiber, then reflected from the sensor surface and from an internal reference surface (left). As protein binds to 
the sensor, the path length of the light reflected from the sensor surface increases. The interference between light 
reflected from the sensor and references surfaces is plotted as a function of wavelength (right). This interference 
pattern shifts (from solid to dashed line) as protein binds to the sensor surface, allowing real-time measurements of 
protein binding to the sensor. 
 BLI sensors with specific functionalization are used to either capture or covalently bind ligand.71,72 
Capture refers to non-covalent interactions such as those between Ni2+ and hexahistidine, which is often 
used to tag proteins. Regardless of functionalization, BLI sensors are coated with an anti-fouling coating 
to reduce nonspecific binding to the sensor.71 Additionally, the assay buffer typically contains bovine 
serum albumin (BSA) and/or detergent to minimize nonspecific binding of protein to the sensors.70–72 
 During a BLI experiment, ligand-loaded sensors are submerged in a range of concentrations of the 
analyte to allow association.70–72 The sensors are then returned to assay buffer, which triggers dissociation 
of the analyte from the sensor. The association and dissociation curves are fit with an appropriate kinetic 
model to obtain the forward and reverse rate constants for analyte-ligand binding. Alternatively, for 1:1 
binding that follows pseudo-first-order kinetics, dissociation constants (Kd) can be determined by fitting 
the steady-state response for each analyte concentration (A) to the following equation, in which Rmax is 







1.3.4. Single-molecule force measurements with atomic force microscopy (AFM) 
 Chapter 4 presents atomic force microscopy (AFM)-based single-molecule measurements of force-
induced unfolding of a polyprotein construct that contains the force-sensitive α-catenin M domain. During 
AFM-based measurements of unfolding of single protein molecules immobilized on a substrate, a 
piezoelectric scanner controls the movement of an AFM probe, which consists of a sharp tip (radius < 10 
nm) at the end of a flexible cantilever that acts as a spring.74,75 As the tip is lowered to the substrate, 
protein molecules randomly adsorb to the tip.76 As the tip is retracted, the attached protein is stretched 
between the tip and substrate.76 The bending of the cantilever as the protein is stretched is measured by 
the deflection of a laser reflected off the back of the cantilever onto a quadrant photodetector.77,78 The 
conversion factor from the photodetector signal (in volts) to the distance the cantilever is deflected (in 
nanometers) is determined by measuring the deflection of the cantilever when pressed against a hard 
surface such as bare glass, in which case the distance deflected can be assumed to be equal to the distance 
traveled by the piezoelectric controller.79 The distance deflected (x) is converted to the force (F) between 
the tip and the sample using Hooke’s law, F = -kx, where k is the cantilever spring constant.80 The 
cantilever spring constant is determined using a thermal noise calibration method based on the 
equipartition theorem.81 The measured force is plotted against the tip-surface separation to produce force-
extension curves. 
 Force-extension curves of proteins with multiple domains consist of a series of peaks: the force 
increases until a domain unfolds, then briefly drops to near zero as the newly unfolded domain is 
extended (Figure 1.5).76,82 As the protein is extended, it exerts force on the cantilever due to the reduction 
of conformational entropy, a phenomenon known as entropic elasticity.82,83 The increase in force as the 
protein extends is best described by the worm-like chain (WLC) model of entropic elasticity, which 
models the protein as a flexible rod described by two parameters, persistence length and contour 
length.76,83,84 The persistence length (lp) is a measure of the flexibility of the chain, with smaller 
persistence lengths indicating a more flexible polymer. The contour length (LC) is the length of the 
polymer chain when fully extended (i.e., at infinite force). The rise of each peak in the force-extension 
curve is fit to the WLC model, given by the following expression,83 to determine the persistence and 





















Figure 1.5 Force-extension curve for a multidomain protein. The AFM tip is lowered toward the substrate (red 
trace) to allow protein to adsorb. As the tip is retracted (blue trace), the protein (purple cartoon) is stretched between 
the tip and the substrate (1), exerting a restoring force that bends the cantilever, until it is fully extended (2). When a 
domain unfolds (3), the length of the protein increases, causing the force to drop to near baseline levels. The newly 
unfolded domain is stretched (4), again exerting force on the cantilever. The numbers labeling the force-extension 
curve correspond to the numbers in the cartoon of protein unfolding (above). The last peak reflects desorption of the 
protein from the tip (not shown). It should be noted that ΔLC represents the difference in contour lengths between 
the consecutive fits to the worm-like chain (WLC) model, not the difference in extension between the peaks. 
The persistence length is typically ~0.4 nm for an unfolded protein segment, which is the approximate 
length of an amino acid.82 The observed contour length is the contour length of the unfolded protein 
segment plus the length of any remaining folded domains. Thus the increase in contour length upon 
unfolding a domain (ΔLc) reflects the difference between the fully extended protein backbone and the 
folded length of the domain.80,82 The contour length of a domain can be predicted from the number of 
amino acids it contains. On average, each unfolded residue contributes 0.365 nm to the contour length.85 
 The force required to unfold each domain is given by the maximum force of the corresponding peak 
in the force-extension curve (i.e., point 2 for the first unfolded domain in Figure 1.5).76 External force (F) 
lowers the energy barrier to unfolding by ~Fxβ, where xβ is the thermally averaged projection of the 
distance to the transition state onto the applied force vector.86,87 When force is applied at a constant rate, 
the barrier to unfolding decreases over time. Force-induced unfolding occurs stochastically, so the longer 
the protein is held at a particular force, the higher the probability of rupture. At high loading rates, the 
force applied to the protein increases rapidly; thus the observed rupture force increases with the loading 
rate. The most probable rupture force Fr* depends on the activation barrier to unfolding and the loading 
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rate, rf = dF/dt, according to the following equation, where 𝑘𝑜𝑜𝑜0  is the unstressed rate constant for 









1.4. Questions addressed in this thesis 
 Studies of force-dependent conformational changes in α-catenin tested predictions50,51 that a 
cooperative network of salt bridges within the core, force-sensing M domain stabilizes its structure, both 
thermodynamically and mechanically (Chapter 2). Live-cell FRET measurements, BLI binding 
measurements, and equilibrium MD simulations evaluated the role of salt bridges in α-catenin activation 
(unfurling) to bind vinculin by comparing wild-type (WT) α-catenin to mutants that disrupt a crucial salt 
bridge within the network. Furthermore, a constant-force SMD simulation of the WT α-catenin M domain 
revealed a potential intermediate in the activation pathway, and identified a novel load-bearing salt bridge 
that appears to gate the force-induced transition from the intermediate to the unfurled conformation. 
 In addition to the indirect linkage to actin through vinculin, α-catenin binds actin directly through its 
C-terminal domain. Actomyosin-generated tension strengthens the α-catenin/actin interaction through an 
as-yet-unknown mechanosensing mechanism. MD simulations explored how force alters the α-catenin 
ABD conformation to promote robust actin binding under tension (Chapter 3). Constant-force SMD 
simulations validated a proposed force-induced, partially unfolded conformation of the ABD. Equilibrium 
simulations comparing the WT ABD to a mutant designed to mimic the partially unfolded conformation, 
combined with experiments performed by collaborators, further suggested a potential mechanism for 
allosteric regulation of the actin-binding site under tension. 
 Chapter 4 presents preliminary results from AFM-based single-molecule measurements of force-
induced unfolding of the α-catenin M domain. These measurements demonstrated that the force threshold 
for α-catenin unfolding is too low to be reliably studied by AFM. The results are discussed in the context 
of magnetic tweezers-based force measurements24 of α-catenin unfolding, which successfully captured the 
unfurling of MI to reveal the vinculin-binding site. 
 The biophysical investigations of α-catenin described in this dissertation examined the role of 
tension-dependent conformational changes in the force-transduction mechanism of this crucial 
nanomachine. These findings deepen our understanding of how cell-cell junctions are reinforced in 
response to applied force. This tension-dependent reinforcement occurs in a wide variety of cellular 
contexts, from embryogenesis to the maintenance of tissue integrity in mature tissues. Furthermore, loss 
of α-catenin-dependent junction reinforcement is implicated in diseases such as cancer. Thus the 
mechanisms underlying α-catenin mechanotransduction have broad implications for our understanding of 
cellular function in healthy and diseased tissues. 
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Chapter 2. Salt bridges gate α-catenin activation at intercellular junctions1 
2.1. Introduction 
 Cadherin-mediated cell-cell adhesion is essential for tissue morphogenesis and for regulating the 
barrier functions of tissues such as the vascular endothelium.1,89 Cell surface cadherins bind the 
extracellular domains of cadherins on adjacent cells. The cadherin intracellular domain binds β-catenin, 
which binds the actin-binding protein α-catenin.5–7 At the plasma membrane, the N-terminal domain of α-
catenin associates with cadherin-associated β-catenin, and the C-terminal domain binds F-actin.5,8 α-
Catenin thus mechanically links the cadherin-catenin complex to the actin cytoskeleton.7–9 In solution, α-
catenin dimerizes through its N-terminal domain, but the α-catenin dimer cannot bind β-catenin.42,45 
 Cadherin complexes both mechanically couple adjacent cells and transduce mechanical cues to 
activate signals that regulate cell functions.10–13 Moreover, mechanically perturbed cadherin adhesions 
activate the accumulation of the actin-binding protein vinculin, a signature of cadherin-based force 
transduction.9,11,14,16,17 Cadherin-dependent force transduction requires actin and α-catenin.11,16 In the 
current model of force transduction, α-catenin adopts an autoinhibited conformation at low tension.13 
Increased force on cadherin adhesions triggers a conformational change, referred to as ‘unfurling,’ which 
exposes the vinculin binding site (VBS) of α-catenin.13,23,24 α-Catenin unfurling and subsequent vinculin 
recruitment in turn promotes local actin polymerization thought to reinforce the stressed cell-cell 
junctions.27 
 α-Catenin is homologous to vinculin, which adopts an autoinhibited conformation that is stabilized by 
a high-affinity association between its head and tail domains. The head-tail interaction regulates vinculin 
binding to F-actin and ligands, including α-catenin.18–20 Despite their structural homology, the 
mechanisms of vinculin and α-catenin autoinhibition and force-induced activation differ. Figure 1.2A 
shows an autoinhibited structure of full-length α-catenin. Unlike vinculin, the N-terminal and C-terminal 
domains of α-catenin do not interact.26,39 The core, force-sensing modulatory (M) domain comprises three 
helical bundles, MI-MIII. The MI domain harbors the cryptic VBS, which is masked by intradomain 
interactions with other helices in MI. Several interdomain salt bridges within the α-catenin M domain 
(Figure 1.2B) were postulated to stabilize the autoinhibited conformation.26 Intriguingly, the cancer-
linked missense mutations R551Q and D503N each disrupt an R551-D503 salt bridge, suggesting that the 
salt-bridge network may play a crucial role in α-catenin function.50,90,91 
 
 
                                                     
1 Adapted from Barrick, S.; Li, J.; Kong, X.; Ray, A.; Tajkhorshid, E.; Leckband, D. Salt Bridges Gate Alpha-
Catenin Activation at Intercellular Junctions. Mol. Biol. Cell. (accepted) 
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Figure 2.1 Structure from PDB ID 4IGG.39 A. α-Catenin consists of three major domains: the N-terminal (N, blue), 
modulatory (M), and C-terminal (C, red) domains. The M domain contains three four-helix bundles: MI 
(green/cyan), MII (yellow), and MIII (orange). MI contains the vinculin binding site (cyan). The box indicates the 
region shown in B. B. The salt bridge between D503 (MII domain) and R551 (MIII) is part of a salt-bridge network 
that stabilizes the structure of the M domain. 
 Previously reported molecular dynamics (MD) simulations of the α-catenin M domain suggested that 
salt bridges form a cooperative network; namely, in silico point mutations that disrupted single salt 
bridges destabilized the entire salt-bridge network and increased the conformational flexibility of the M 
domain.50 None of the salt-bridge mutations investigated resulted in VBS exposure in either equilibrium 
MD simulations or in 325-ns constant-force (100 pN) steered molecular dynamics (SMD) simulations. 
However, the R551A mutation facilitated the rotation of MIII relative to MI-MII. We previously postulated 
that the resulting structure might represent an intermediate along the unfolding trajectory, and that 
interdomain salt bridges between MI-MIII might tune the force sensitivity of α-catenin.50 Consistent with 
this hypothesis, an in vitro vinculin pull-down assay showed that R551A bound more vinculin than wild-
type (WT) α-catenin.26 This assay was done in the absence of tension. 
 The present study tested the prediction that disrupting the M domain salt-bridge network lowers the 
barrier to α-catenin unfurling in cells. We achieved this by introducing point mutations that disrupt the 
R551-D503 salt bridge in a fluorescence resonance energy transfer (FRET)-based α-catenin conformation 
sensor.51 Enhanced cyan fluorescent protein (ECFP; donor) and yellow fluorescent protein YPet 
(acceptor) were inserted at the N- and C-termini, respectively, of the M domain within full-length α-
catenin. In this construct, α-catenin unfurling (activation) separates the fluorophores, and decreases the 
FRET between them (see Figure 2.4A). A prior study demonstrated that the FRET/ECFP ratio responds to 
differences in tension on cadherin adhesions.51 The present study quantified differences in tension-
induced conformational changes in the R551A, D503N, and WT forms of the α-catenin sensor. We 
further validated the increased activation of R551A α-catenin relative to WT with a conformation-specific 
antibody. Biolayer interferometry (BLI) and immunofluorescence confocal imaging investigated vinculin 
binding to full-length R551A and WT α-catenin at equilibrium in vitro and under tension in vivo, 
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respectively. Equilibrium MD simulations of the core M domain assessed the effect of the R551A and 
D503N mutations on the autoinhibited conformation of α-catenin. Finally, a 2-μs, all-atom, constant-force 
(100 pN) SMD simulation of the α-catenin M domain revealed the force-dependent unfurling trajectory, 
and identified potential roles of R551-D503 and other salt bridges in force-induced α-catenin activation. 
These findings reveal novel insights into the structural basis of α-catenin stability and its activation under 
force. 
2.2. Results 
2.2.1. The R551A mutation enhances equilibrium binding between the constitutively active vinculin 
head domain and α-catenin in vitro 
 To demonstrate that the increased conformational flexibility of R551A α-catenin suggested by 
simulations50 increases the apparent affinity for vinculin, we measured dissociation constants between 
full-length WT or R551A α-catenin and constitutively active vinculin (vinculin head domain, VHD), 
using biolayer interferometry (BLI; Figure 2.2). The measured dissociation constant Kd
app of 1.8 ± 0.2 μM 
for binding between VHD and WT α-catenin agrees with the previously reported value of 1.8 ± 0.2 μM 
for binding between monomeric α-catenin and the constitutively active vinculin D1 domain, determined 
with isothermal titration calorimetry.25 The dissociation constant between the VHD and R551A α-catenin 
that we measured is ~13-fold lower at 0.14 ± 0.01 μM. 
 
 
Figure 2.2 The apparent dissociation constants between constitutively active vinculin (VHD, residues 1-252) and 
WT or R551A α-catenin measured using BioLayer Interferometry (BLI). Traces on the left are the binding signal 
over time for different concentrations of VHD binding full-length α-catenin immobilized on a sensor by an N-
terminal His6 tag. Graphs on the right show the steady-state analysis fits. 
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 These dissociation constants were used to estimate the equilibrium constant for the α-catenin 
conformational change—that is, for the equilibrium between the autoinhibited and unfurled states—for 






If the unfurled conformation is U and the autoinhibited conformation is I, then the unfurling equilibrium 





It can be shown that the apparent dissociation constant Kd
app between the full-length α-catenin and the 
VHD—that is, the dissociation constant observed for vinculin binding to α-catenin under conformational 
equilibrium—is the following: 
Kd




We assumed that the unfurled conformation of full-length α-catenin (U) has the same affinity for VHD 
(V) as the isolated VBS (A), and thus used the reported value of 5.2 + 0.3 nM for Kd.25 Using our 
measured apparent affinities, the calculated values for the unfurling equilibrium constants KU of WT and 
R551A α-catenin are 0.0029 + 0.0004 and 0.039 + 0.004, respectively. From the relationship for the free 
energy, ∆G = -kTlnKU, the calculated decrease in the R551A unfurling free energy (IU) relative to WT 
is ΔΔG = -2.6kT + 0.2kT (-1.6 + 0.1 kcal/mol at 37°C), consistent with the destabilization of the 
autoinhibited conformation by this salt bridge mutant. 
2.2.2. Salt-bridge disruption alters dynamic vinculin recruitment to reannealing junctions2  
 We tested whether the lower (relative to WT) unfurling free energy calculated for R551A α-catenin 
alters vinculin recruitment to cell-cell junctions, by quantifying the intensity ratio of immunostained 
vinculin to α-catenin at reannealing cell-cell junctions, following a calcium switch (Figure 2.3). We did 
not measure FRET/ECFP because initial studies showed that fixation alters the FRET/ECFP ratios of the 
sensor (data not shown). The vinculin/α-catenin intensity ratio was also measured for control cells that 
were cultured in DMEM (~2 mM Ca2+) overnight, but were not treated with EGTA (Figure 2.3, ‘control’). 
 Within the first 5 min after activating cell-cell junction formation by adding calcium to EGTA-treated 
cells, the ratio of vinculin to α-catenin at R2/7 cell-cell junctions was significantly higher (p < 0.001) for 
cells that expressed the R551A sensor versus the WT sensor (Figure 2.3). The vinculin-to-α-catenin ratio 
                                                     
2 The results in this section were acquired and analyzed by Xinyu Kong. 
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was statistically similar for WT and R551A at time points longer than 5 min, and reached the steady-state 
level within 120 min. 
 
 
Figure 2.3 Intensity ratios of immunostained vinculin and α-catenin at reannealing junctions between R2/7 cells 
cultured on collagen-coated glass substrates, at intervals following a calcium switch. For the control condition, cells 
were not calcium switched, but instead cultured on collagen-coated glass dishes overnight before fixation and 
immunostaining for vinculin and α-catenin. Intensity ratios represent the average of N = 3 independent experiments. 
Error bars represent standard error of the mean (SEM). * indicates p < 0.05. 
2.2.3. The R551A and D503N mutations increase the population of unfurled α-catenin in live cells 
 To test the importance of the M domain salt-bridge network in α-catenin autoinhibition, we compared 
FRET/ECFP ratios at junctions between live cells transfected with either the WT, R551A, or D503N form 
of the full-length α-catenin conformation sensor (Figure 2.4). A decrease in the FRET/ECFP ratio reflects 
an increase in the population of unfurled α-catenin (Figure 2.4A). In experiments with MDCK cells, 
analyzed junctions typically involved only one transfected cell. When the sensor was stably expressed in 
R2/7 cells, which lack endogenous α-catenin, we analyzed junctions between cells that both expressed the 
sensor. Figure 2.4B shows the DIC and fluorescence images of MDCK cells that express the different 
sensor variants. In Figure 2.4C-D, the quantified FRET/ECFP ratios in regions of interest at junctions or 
in the cytosol are each normalized to the FRET/ECFP ratios obtained with untreated MDCK cells that 
express the WT α-catenin conformation sensor. The absolute FRET/ECFP values are given in Table 2.3. 
 For MDCK cells cultured on collagen-coated glass, the average FRET/ECFP ratio in regions of 
interest (ROIs) at cell-cell junctions was 15 + 1% lower (mean + SEM; p < 0.001) for the R551A sensor 
than the WT sensor (Figure 2.4C). Similar results were obtained with R2/7 cells: the FRET/ECFP for 
R551A was 16 + 2% lower (p < 0.001) than the WT sensor (Figure 2.5). Thus, endogenous α-catenin in 
MDCK cells expressing the α-catenin sensor does not significantly affect the extent of α-catenin unfurling 




Fig. 2.4 (cont.) 
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Figure 2.4 A. Cartoon of cells expressing the α-catenin conformation sensor. Under tension, α-catenin undergoes a 
conformational change that separates the ECFP and YPet and reduces the FRET/ECFP ratio.  B. DIC (left) and 
FRET/ECFP (right) images for untreated or CytoD-treated MDCK cells transfected with WT, R551A, or D503N α-
catenin sensor and cultured on collagen-coated glass. White boxes indicate ROIs at cell-cell junctions. Color scale 
indicates the absolute FRET/ECFP ratio. C-D. FRET/ECFP ratios measured in cells expressing the WT, R551A, or 
D503N α-catenin conformation sensor. All ratios are normalized to the FRET/ECFP signal for untreated MDCK 
cells expressing the WT α-catenin conformation sensor. FRET/ECFP ratios at junctions and in the cytosol are 
normalized separately. For the +EGTA condition, FRET/ECFP ratios were measured after a 2-min treatment with 2 
mM EGTA to disrupt cadherin-mediated junctions. For the +CytoD condition, cells were treated with 1 μM CytoD 
for 10 min before imaging. FRET/ECFP ratios represent the averages of N = 4 independent experiments for 
untreated cells and N = 2 independent experiments for EGTA- or CytoD-treated cells. Error bars represent standard 
error of the mean (SEM). * indicates p < 0.001. The numbers of analyzed cells and junctions for each condition are 
given in Table 2.3. C. FRET/ECFP in ROIs at junctions. D. FRET/ECFP in cytosolic ROIs in MDCK cells. E. 
Intensity ratios of α18 (activated) to anti-α-catenin (total) immunostained α-catenin at junctions between R2/7 cells 
cultured overnight on collagen-coated glass substrates. Intensity ratios are normalized to the α18/α-catenin ratio at 
junctions between cells expressing the WT conformation sensor. Intensity ratios represent the average of N = 2 
independent experiments. Error bars represent standard error of the mean (SEM). * indicates p < 0.001. 
 
Figure 2.5 FRET/ECFP ratios in ROIs at junctions between MDCK or R2/7 cells expressing either the WT or 
R551A α-catenin conformation sensor. Ratios are normalized to the FRET/ECFP signal for untreated MDCK cells 
expressing the WT α-catenin conformation sensor. Error bars represent standard error of the mean (SEM). * 
indicates p < 0.001. 
 To verify that the FRET/ECFP ratios reflect α-catenin conformation switching, we used a 
conformation-specific, anti-α-catenin antibody (α18) that recognizes an epitope in the unfurled 
protein.13,32 Measurements compared the intensity ratio of α18 to anti-α-catenin antibody in R2/7 cells 
that expressed the WT or R551A α-catenin sensor. Cells were cultured in DMEM overnight, as described 
above for the control condition used in the vinculin recruitment measurements. Consistent with the FRET 
data, the ratio of α18 (activated α-catenin) to anti-α-catenin (total α-catenin) at junctions was 10 + 2% (p 
< 0.001) higher for the R551A sensor compared to WT (Figure 2.4E). Thus, the R551A mutation 




 To support the interpretation that the R551A mutation promotes unfurling by disrupting the R551-
D503 salt bridge, we also measured FRET/ECFP ratios for the D503N mutant of the α-catenin 
conformation sensor. At junctions, the average FRET/ECFP ratio was 9 + 1% lower (p < 0.001) than that 
of the WT sensor. Thus mutating each residue in the R551-D503 salt bridge increases the population of 
unfurled α-catenin at cell-cell junctions. The greater extent of α-catenin unfurling observed with the 
R551A mutant compared to D503N (p < 0.001) is consistent with the ability of R551 to also interact with 
several negatively charged residues near the R551-D503 salt bridge, as observed in molecular dynamics 
simulations (see section 2.2.4). 
 To verify the response of the α-catenin conformation sensor to differences in tension, cadherin 
adhesions were disrupted with ethylene glycol-bis(2-aminoethylether)-N,N,N’,N’-tetraacetic acid 
(EGTA), or the actin cytoskeleton was disrupted with cytochalasin D (CytoD). Both treatments were 
previously demonstrated to result in the formation of the more compact, low-tension α-catenin 
conformation at cell-cell contacts.51 EGTA reduces tension across cell-cell junctions by chelating 
calcium, which is essential for cadherin adhesion. In a previous report, the increase in the FRET/ECFP 
ratio at junctions was complete within 2 min of EGTA treatment.51 We therefore compared FRET/ECFP 
measurements after 2 min of treatment with 2 mM EGTA. Cells were treated with 1 μM CytoD for 10 
min in order to disrupt actin and lower tension across the junctions. Although intercellular gaps 
sometimes formed within the timeframe of the measurements, we limited our analysis to intact junctions. 
As expected, EGTA treatment increased FRET/ECFP ratios at junctions between MDCK cells, relative to 
untreated controls maintained in 2 mM calcium (Figure 2.4C). Actin disruption by CytoD similarly 
increased FRET/ECFP ratios at junctions (Figure 2.4C). Neither treatment triggered statistically 
significant FRET changes in cytosolic ROIs (p > 0.05 in each case; Figure 2.4D). 
 Under each condition studied, the FRET/ECFP ratios were lower in cells that expressed the α-catenin 
sensor salt-bridge mutants, compared to WT (p < 0.001 for each condition; Figure 2.4C-D). Importantly, 
FRET/ECFP ratios for R551A and D503N were lower both in the cytosol and at cell-cell junctions, 
compared with the WT sensor. Thus R551A and D503N are more likely to adopt the unfurled 
conformation than WT α-catenin in cells, even in the absence of tension. To assess whether the salt-
bridge disrupting mutations facilitate a tension-dependent increase in unfurling, we compared the 
difference in FRET/ECFP at junctions under high (untreated) and low (EGTA- or CytoD-treated) tension. 
The increase in FRET/ECFP due to EGTA treatment was 9 + 1% for WT, 12 + 1% for R551A, and 7 + 
1% for D503N (p < 0.001 in each case). Similar increases were observed for CytoD treatment (9 + 1% for 
WT, 12 + 1% for R551A, 7 + 1% for D503N; p < 0.001 in each case). For each sensor, the magnitude of 
the observed increase was ~9% following either EGTA or CytoD treatment. Thus the extent of force-
induced unfurling was similar for WT α-catenin and the salt-bridge mutants, within experimental error. 
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Nevertheless, the data clearly show that the R551A and D503N mutants unfurl more readily than WT α-
catenin under the same mechanical conditions, and establish that disrupting the salt-bridge network in the 
M domain promotes this conformational change. 
2.2.4. Salt bridge contributions to the stability of autoinhibited α-catenin 
 Comparisons of the equilibrium simulations of the WT, R551A, and D503N α-catenin M domains 
(Table 2.1) evaluated the effect of the R551A and D503N mutations on the α-catenin structure. Data from 
the longer simulations in this study reinforce a previous postulate that the R551A mutation increases the 
conformational flexibility of the M domain by disrupting the salt-bridge network.50 
 
Internal energy (kcal/mol) M   
WT -4900 + 200   
R551A -4500 + 200   
D503N -4700 + 300   
Interaction energy (kcal/mol) MI-MII MI-MIII MII-MIII 
WT -300 + 80 -270 + 70 -240 + 80 
R551A -300 + 60 -270 + 90 -80 + 80 
D503N -320 + 70 -220 + 50 -130 + 70 
Angle (°) MI-MII MI-MIII MII-MIII 
WT 26 + 6 47 + 9 41 + 7 
R551A 18 + 6 55 + 9 50 + 8 
D503N 23 + 5 50 + 10 50 + 10 
 
Table 2.1 Internal energy of the autoinhibited α-catenin M domain, and interdomain angles and interaction energies 
between the MI-MIII domains, during five (WT) or four (R551A and D503N) pooled 195-ns (WT and R551A) or 95-
ns (D503N) equilibrium simulation trajectories. Values reported as average + standard deviation. 
 In equilibrium simulations of the α-catenin M domain, the total internal energies of the R551A and 
D503N mutants were higher than that of WT α-catenin (Table 2.1). The calculated internal energy 
determines simple pairwise interactions within the autoinhibited configuration, and differs from the Gibbs 
free energy, which is the free energy difference between the autoinhibited and unfurled states. The largest 
contribution to the M domain destabilization was the MII-MIII interaction energy. 
 Importantly, electrostatic contributions to the interaction energies, rather than altered van der Waals 
interactions, dominated the difference between WT and the salt-bridge mutants (Table 2.2). Although the 
electrostatic contribution is overestimated in the simulations (see discussion), the computed van der 
Waals energies are actually slightly lower in the D503N and R551A mutants relative to WT. These results 
therefore suggest that the computed destabilization arises exclusively from changes in the electrostatic 
interaction energies. This result is expected if disrupting salt bridges between MII and MIII destabilizes the 
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M domain. The destabilization of the MII-MIII interface also correlated with the increased rotation of MIII, 
evident as an increase in the MII-MIII angle (Table 2.1). 
 
α-catenin Total interaction energy (kcal/mol) 
Electrostatic IE 
(kcal/mol) 
van der Waals IE 
(kcal/mol) 
WT -240 + 80 -220 + 80 -21 + 6 
R551A -80 + 80 -60 + 80 -25 + 6 
D503N -130 + 70 -100 + 70 -26 + 6 
 
Table 2.2 Interaction energies (IE) calculated by NAMD from five (WT) or four (R551A and D503N) pooled 195-
ns (WT and R551A) or 95-ns (D503N) equilibrium simulation trajectories of the autoinhibited α-catenin M domain. 
Values reported as average + standard deviation. 
 These results suggest that the R551A and D503N mutations facilitate the formation of the 
intermediate by disrupting the salt-bridge network at the MII-MIII interface, thereby destabilizing the 
autoinhibited conformation. The intermediate and unfurled states were not sampled during equilibrium 
MD simulations, so we cannot quantify the effect of either the R551A or the D503N mutation on the free 
energies of the two conformations. Nevertheless, the higher experimentally determined unfurling 
equilibrium constant KU for R551A relative to WT α-catenin confirms that the R551A mutation 
destabilizes the autoinhibited conformation. 
 Although both mutations destabilized the MII-MIII interface relative to WT, the effect was larger for 
the R551A α-catenin M domain compared to the D503N mutant (Table 2.2). As mentioned above in the 
context of the FRET measurements, this is consistent with the interaction of R551 with several negatively 
charged residues near the R551-D503 salt bridge. During equilibrium simulations of the WT M domain, 
the only salt bridge in MII-MIII that involved D503 was D503-R551. In contrast, R551 formed salt bridges 
with four different acidic amino acids. These additional salt bridges could partially compensate for the 
loss of the D503-R551 interaction in the D503N mutant. 
2.2.5. Salt bridge contributions to α-catenin activation under force3 
 An all-atom, constant-force (100 pN) SMD simulation of the α-catenin M domain revealed atomic-
level details of force-induced α-catenin activation. As we previously described, the N- and C-terminal 
domains of full-length α-catenin do not contact the M domain under tension. Therefore, these simulations 
also focused on the isolated M domain.50 The reorientation of the MIII helix bundle during constant-force 
simulations was reported previously, and postulated to be an intermediate step that precedes the exposure 
of the vinculin-binding site (VBS) in MI.50 Distinct from the earlier report, the much longer 2-μs 
                                                     
3 The trajectory of α-catenin unfolding under force was obtained from a constant-force SMD simulation performed 
by Jing Li. 
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simulation reported here revealed the force-induced exposure of the VBS (α-catenin activation). This 
uniquely long timescale allowed us to simulate α-catenin unfurling at relatively low force. 
 Figure 2.6 shows the number of intact salt bridges between the MIII domain and the MI or MII domain 
during the SMD simulation. During the first 200 ns of the simulation, the MIII domain rotated relative to 
the MI-MII bundles (see Figure 2.7A). This rotation resulted in the formation of an intermediate 
conformation with drastically altered MI-MIII and MII-MIII interfaces. In this conformation, MI interacted 
with the opposite end of the MIII bundle, so that specific salt bridges between MI and MIII in the 
autoinhibited and intermediate conformations were mutually exclusive. However, the number of intact 
MI-MIII salt bridges was similar in each conformation (Figure 2.6). In contrast, the rotation of MIII brought 
MII and MIII into an approximately parallel configuration, in which there were 21 potential salt bridges 
between MII and MIII, compared to 4 that existed before the rotation of MIII. The average number of intact 
salt bridges between MII and MIII also increased following this rotation (Figure 2.6). These observations 




Figure 2.6 Traces indicate the number of salt bridges between MIII and either MI (black) or MII (red) during the 2-μs 
constant-force SMD simulation of the α-catenin M domain. 
 The snapshots of α-catenin configurations and plots of inter-residue distances in Figure 2.7 highlight 
specific amino acids that played key roles in α-catenin unfurling. During the SMD simulation, R326 
(located in the VBS, helix 3 of MI) participated in salt bridges with either MIII or helix 4 of MI. R551 
(located in MIII) formed salt bridges with five different residues in MII, most frequently D503 or E492. 
This plasticity of the MII-MIII interface was also observed in shorter, 325-ns SMD simulations.50 Several 
different salt bridge configurations at the MI-MIII and MII-MIII interfaces are shown in Figure 2.7B and 
Figure 2.7C, respectively. Figure 2.7D highlights two particularly important salt bridges. R326-D536 (MI-
MIII) appears to be a primary load-bearing interaction that ruptured immediately prior to α-catenin 
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activation at 1909 ns, when the VBS separated from helix 4 in MI. In addition, D503-R551 is the only 
core MII-MIII salt bridge that forms both before and after the rotation of MIII. 
 
 
Figure 2.7 (cont.) 
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Figure 2.7 A. Snapshots of α-catenin conformations at selected time points during a 2-μs SMD simulation of WT α-
catenin M domain subject to a constant force of 100 pN. Unraveled N-terminal helices are not shown for clarity. The 
light or dark gray box in the snapshot at 920 or 400 ns indicates a typical inset for the MI-MIII or MII-MIII interface, 
shown in panel B or C, respectively. B-C. Insets showing salt bridges at interdomain interfaces at the simulation 
time points corresponding to the snapshots in A. B. Salt bridges involving R326 at the MI-MIII interface of α-catenin. 
C. Salt bridges involving R551 at the MII-MIII interface of α-catenin. D-E. Evolution of distances between selected 
pairs of residues as a function of simulation time. Arrows indicate time points of snapshots in A-C. D. D503-R551 is 
an interdomain salt bridge between MII and MIII; R326-D536 is a force-bearing contact between MI and MIII. E. 
A316 and P635 are located near the ECFP and YPet of the α-catenin conformation sensor, and are represented in A 
as blue and yellow spheres, respectively. G273 and P635 are the N- and C-terminal residues, respectively, of the M 
domain. 
 The R326-E521 salt bridge (MI-MIII; Figure 2.7B, snapshot at 1 ns) ruptured during the rotation of 
MIII, and E521 rotated to the outside of the MIII domain such that R326-E521 could not reform. At the 
same time, R326 formed new salt bridges within MI; namely, with D392 (Figure 2.7B, 98 ns) or D388. 
The R326-D536 salt bridge (MI-MIII) first formed at 690 ns (see Figure 2.7D). By 920 ns, R326-D536 
was the only remaining salt bridge between the VBS and MIII (Figure 2.7B). Immediately after R326-
D536 broke at 1909 ns, α-catenin unfurled (Figure 2.7A,D). Salt bridges between MIII and helix 4 of MI 
persisted during α-catenin activation (see Figure 2.6, Figure 2.7B), and might stabilize the remaining MI-
MIII interface. 
 The D503-R551 salt bridge (MII-MIII) must break in order to allow for the full MIII rotation (see 
snapshots at 98 ns in Figure 2.7A,C). However, D503-R551 reformed quickly after the rotation was 
complete (Figure 2.7D). At the new MII-MIII interface created by this rotation, R551 was located near 
several acidic amino acids in the inner helix of MII, including E492 (Figure 2.7C, 400 and 920 ns). During 
the simulation, R551 fluctuated between several salt bridges with five different amino acids, whereas 
D503 was only involved in salt bridges with either R551 or R548. Although D503-R551 formed only 
intermittently (Figure 2.7D), R551 or D503 was involved in salt bridges with at least one residue in MII or 
MIII for ~53% or ~26%, respectively, of the ~1.5-μs lifetime of the intermediate state. These observations 
suggest that R551 plays a particularly important role in stabilizing both the intermediate and the 
autoinhibited conformation. Unexpectedly, the D503-R551 salt bridge reforms upon VBS exposure, 
which might indicate that R551 also contributes to the stability of the unfurled conformation. 
Nonetheless, the higher apparent affinity between the VHD and R551A versus WT α-catenin (Figure 2.2) 
confirms that the loss of the D530-R551 salt bridge destabilizes the autoinhibited conformation. 
2.2.6. Comparisons of MD simulations with FRET measurements 
 To relate the simulated α-catenin conformational changes to the FRET results, we monitored the 
A316-P635 distance during the SMD simulation. Comparison of the A316-P635 (‘FRET’) and G273-
P635 (N- to C-terminal, ‘N-C’) distances over time suggests the structural basis of force-dependent 
changes in FRET signals (Figure 2.7E). 
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 The computed FRET and N-C distances were both approximately constant from 400 ns to 1.9 μs, 
consistent with the formation of a relatively stable intermediate in the activation pathway. This 
intermediate is slightly extended relative to the autoinhibited conformation, with a 3-nm increase in the 
N-C extension. This extension can be seen in Figure 2.7A: helix 4 of MI (green helix) was wedged 
between MII and MIII in the autoinhibited conformation shown at 1 ns, but not at later time points. In the 
intermediate conformation, the computed FRET distance is 2.6 nm longer than in the autoinhibited 
conformation, largely due to the separation of P635 and A316 upon rotation of MIII. Using the reported 
value of R0 = 4.9 nm for the ECFP-EYFP FRET pair,92 we estimated that formation of this extended 
conformation would decrease by up to 80% the calculated FRET efficiency E = R06/(R06+ R6), where R is 
the inter-chromophore distance. Exposure of the VBS during α-catenin unfurling at 1909 ns results in a 
separation between A316 and P635 of >15 nm, a distance that would completely abrogate FRET. 
Although the simulated A316-P635 distance merely estimates the inter-chromophore distance in the α-
catenin sensor, the above analyses suggest that the decreased FRET observed at high junction tension 
could reflect contributions from both the intermediate and the unfurled conformations. 
 The nearly 30-nm increase in the N-C distance during the constant-force simulation exceeds the 16-
nm extension reported for the force-induced activation of α-catenin in vitro.24 This difference can be 
accounted for by the unraveling of the first two helices of the MI bundle. The second helix is partially 
unstructured in crystal structures of α-catenin in complex with the VHD.23,25 Thus unfolding of the N-
terminal helices during the simulation likely reflects their structural instability relative to the rest of the M 
domain, but complete unraveling of these helices is unlikely at physiological levels of force. 
2.3. Discussion 
 α-Catenin is essential for intercellular adhesion and force transduction. The results reported here 
demonstrate that disrupting the salt-bridge network postulated to stabilize the M domain facilitates α-
catenin unfurling. The higher energy of the M domain of the R551A and D503N salt-bridge mutants 
compared to WT in equilibrium MD simulations (Table 2.1) suggested that the mutants destabilize the 
autoinhibited conformation of the M domain thermodynamically. Both the higher equilibrium constant KU 
determined in vitro for R551A and the increase in unfurled cytosolic R551A and D503N compared with 
WT α-catenin (Figure 2.4D) bear out this prediction. 
 Under the highest-tension conditions in our FRET measurements—that is, at junctions between 
untreated cells—E-cadherin experiences pN-scale forces.93 Changes in FRET/ECFP ratios following the 
disruption of cadherin adhesion or changes in endogenous cell contractility, which affect junction tension, 
previously confirmed the sensitivity of the α-catenin conformation to physiological forces (see Figure 
2.4B-C).13,51 Here, use of the conformation-specific α18 anti-α-catenin antibody13,32 also verified that the 
FRET/ECFP ratios reflect the sensor conformation (Figure 2.4E). The insensitivity of cytosolic 
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FRET/ECFP ratios to EGTA or CytoD treatment confirmed that the observed FRET changes at junctions 
reflect tension-dependent α-catenin conformation changes (see Figure 2.4).51 In addition, prior studies 
ruled out the contribution of intermolecular FRET to measured changes in FRET/ECFP, based on the 
absence of FRET/ECFP changes in measurements with sensor mutants that quenched either ECFP or 
YPet fluorescence.51 Thus the lower FRET/ECFP ratios at junctions between cells expressing the R551A 
or D503N sensor (Figure 2.4) reflect the increased population of unfurled α-catenin mutants relative to 
WT under physiological tension.  
 Given the estimated FRET decrease upon rotation of MIII and the relatively long ~1.5-μs in silico 
lifetime of the intermediate under a 100-pN force, the measured FRET/ECFP ratios likely reflect 
contributions from formation of the intermediate as well as complete activation. Nevertheless, 
correlations between decreased FRET and vinculin recruitment during acute mechanical perturbations 
previously demonstrated that the FRET sensor reports the real-time activation of α-catenin at cell-cell 
junctions.51 The constant-force SMD simulation rules out further decreases in FRET due to post-
activation conformational changes, in contrast to a recent suggestion.94 
 One might initially expect a greater difference between the FRET/ECFP ratios of R551A or D503N 
and WT α-catenin at high-tension (untreated) versus low-tension (EGTA- or CytoD-treated) junctions. 
However, the percent differences were statistically similar for WT and the salt-bridge mutants under each 
condition studied (see Figure 2.4C-D). Predicting how a constant, steady-state force might affect the free 
energy ΔG of α-catenin unfurling requires knowledge of how force affects the free energy landscape of 
the conformational change.95 We do not know how force or the salt-bridge mutations alter the free energy 
landscape, but our results suggest that the tension-independent term ΔΔG0 dominates observed 
differences between R551A or D503N and WT at established junctions. This observation is consistent 
with the predicted key role of salt bridges in the force-induced activation of α-catenin because the R551A 
and D503N mutants mimic force-induced salt-bridge disruption in WT α-catenin. 
 Apparent differences between the extent of α-catenin unfurling in the cytosol relative to junctions 
under low tension (EGTA- or CytoD-treated; see Table 2.3) are attributed to the restricted mobility of α-
catenin tethered at junctions versus freely rotating in the cytosol. Restricted mobility would contribute to 
quantitative differences in FRET measured in these environments through its effect on the orientation 
factor κ2.57 However, the FRET/ECFP ratios might suggest that some cytosolic α-catenin adopts a force-
independent, activated conformation. This possibility was suggested by immunostaining results94 with the 
conformation-specific α18 antibody. The existence of force-independent, unfurled α-catenin pools is not 
surprising. Cytosolic α-catenin dimerization42,45 and/or interactions with proteins such as α-actinin53 or 
formins54 could shift the conformational equilibrium. Such tension-independent pools of activated α-
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catenin would not, however, rule out real-time, force-activated conformational changes at junctions, as 
confirmed experimentally.13,24,51 
 The computed increase in the MII-MIII interaction energy in the salt-bridge mutants R551A and 
D503N relative to WT (Table 2.2) is larger than the destabilization (ΔΔG) of R551A relative to WT α-
catenin in solution binding measurements. The internal energies cannot be compared quantitatively with 
experimentally determined free energy differences for several reasons. First, the computed interdomain 
energy is the interaction energy of the interface between the two domains, whereas the Gibbs free energy 
(obtained from solution binding data) reflects the free energy difference between fully solvated, 
dissociated versus associated domains. The internal energy calculations thus do not account for charge 
screening by nearby ions or water molecules. In addition, the dielectric constant at the interface is not 
known, and the dielectric constant of unity used in the calculations would overestimate electrostatic 
contributions. Furthermore, the overestimation of the association constant KA for salt-bridge formation in 
molecular dynamics simulations was reported previously.96 Despite these limitations, the computed 
interdomain interaction energies enable qualitatively meaningful comparisons of the impact of structural 
perturbations on interdomain interactions that can be used to interpret experimental data. 
 Under dynamic force loading at resealing junctions, during the initial 5 min after calcium addition, 
more vinculin bound R551A than WT α-catenin (Figure 2.3). The decrease in the vinculin/α-catenin ratio 
at t > 5 min after cadherin activation is consistent with the reported kinetics of vinculin phosphorylation at 
tyrosine 822 (pY822), which directs vinculin to cell-cell junctions.22 The ratio of pY822 vinculin to total 
vinculin reportedly peaks at 5 min, and is significantly lower at stable junctions. We therefore speculate 
that vinculin phosphorylation dynamics contribute to the kinetics of vinculin accumulation shown in 
Figure 2.3. Clearly, the extent of α-catenin unfurling is one of many factors that affect vinculin 
recruitment to junctions. Nonetheless, our data demonstrate that salt-bridge disruption enhances vinculin 
binding under dynamic force loading in live cells, an important functional consequence of enhanced α-
catenin unfurling. 
 The 2-μs, all-atom, SMD simulation revealed a potential mechanism for tension-dependent α-catenin 
activation. The rotation of MIII triggers the formation of an intermediate conformation with altered MI-
MIII and MII-MIII interfaces that appears to allow the redistribution of force across α-catenin. This 
intermediate, which is extended by ~3 nm relative to the autoinhibited conformation, may correspond to 
the structure that was suggested by a 2.8-nm increase in the protein extension prior to the force-induced 
unfolding of α-catenin by atomic force microscopy.97 The MI-MIII interface in the intermediate structure 
includes a newly identified salt bridge between R326 and D536, which appears to be a key force-bearing 
interaction that ruptures immediately before α-catenin activation. The MII-MIII interface persists during α-
catenin activation, which involves the unbundling of MI to expose the VBS. The higher number of salt 
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bridges at the MII-MIII interface in the intermediate relative to the autoinhibited conformation (Figure 2.6) 
might contribute to the ability of MII-MIII to remain intact while MI unfurls. The D503-R551 salt bridge 
seems to play a particularly important role in stabilizing the α-catenin structure throughout activation, in 
addition to stabilizing the salt-bridge network in the autoinhibited conformation.50 Although we did not 
observe the intermediate or unfurled states of the R551A or D503N α-catenin M domain in our 
simulations, the higher experimentally determined unfurling equilibrium constant KU for R551A relative 
to WT confirms that the R551A mutation destabilizes autoinhibited α-catenin relative to the unfurled 
conformation. Future studies will examine the potential role of the R326-D536 salt bridge in α-catenin 
activation. 
 The simulated activation trajectory is consistent with magnetic tweezers measurements, in which 
exposure of the VBS preceded the disruption of a relatively stable structure.24 We postulated that the latter 
structure was the rotated MII-MIII structure,50 in which the constant-force simulation revealed a higher 
number of intact salt bridges (Figure 2.6). In the simulation, the N-to-C-terminal distance increases by ~3 
nm during formation of the intermediate, and by an additional ~10 nm during VBS exposure. This 
accounts for most of the 16-nm extension observed during the force-induced activation of α-catenin by 
magnetic tweezers.24 The remaining extension is likely due to unbundling and/or partial unraveling of 
helices 1 and 2 of MI, which completely unraveled under the simulated force of 100 pN, but are unlikely 
to do so at physiological forces. 
 In summary, these equilibrium binding studies, FRET measurements, and molecular dynamics 
simulations demonstrate how salt bridges within the core M domain gate α-catenin activation. The 
disrupted salt-bridge network in the R551A mutant increased the force-independent equilibrium constant 
for unfurling 13-fold. Use of a FRET-based α-catenin conformation sensor in cells demonstrated that the 
R551A and D503N mutants increased the population of unfurled α-catenin in different mechanical 
environments, relative to WT. Molecular dynamics simulations revealed possible atomic-level details that 
underlie the force-induced activation of α-catenin, and the role of salt bridges in this process. The 
simulations agree remarkably well with these and other experimental findings, and deepen our 
understanding of the mechanism of molecular force transduction at critical intercellular adhesions. 
2.4. Materials and methods 
2.4.1. Cell culture and transfection 
 All cells were cultured in Dulbecco’s Modified Eagle’s medium (DMEM) supplemented with 10% 
fetal bovine serum (FBS), 2 mM L-glutamine, 1 unit/mL penicillin, 100 μg/mL streptomycin and 1 mM 
sodium pyruvate (‘culture medium’) unless otherwise indicated. 
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 Madin-Darby canine kidney (MDCK) cells were from American Type Tissue Collection (ATCC). 
MDCK cells were transiently transfected with the FRET-based α-catenin conformation sensor51 using 
Lipofectamine 2000 (Invitrogen) according to the manufacturer’s protocol. 
 The R2/7 line is an α-catenin-null subclone of the DLD-1 cell line derived from human colorectal 
adenocarcinoma (Vermeulen et al., 1995). R2/7 cells were a gift from Johan deRooij (University Medical 
Center Utrecht). The absence of α-catenin was verified by immunofluorescence imaging and by western 
blot. R2/7 cells stably expressing either the WT or the R551A mutant of the α-catenin FRET sensor were 
maintained by culturing the cells in culture medium supplemented with 6 μg/mL puromycin. Expression 
of the sensor was verified by fluorescence imaging (Figure 2.8). 
      
 
Figure 2.8 Fluorescence (ECFP) images showing expression of the WT or R551A conformation sensor in R2/7 
cells. 
2.4.2. Cloning and creation of stable cell lines4 
 The α-catenin conformation sensor was subcloned from the pcDNA3.1 plasmid51 into the pCDH-
CMV-MCS-EF1-Puro lentiviral expression vector (System Biosciences) between Nhe1 and Not1 
restriction sites. The R551A mutation was generated by PCR amplification of the lentiviral α-catenin 
conformation sensor construct using Phusion high-fidelity DNA polymerase (New England Biolabs, 
NEB). Following treatment with restriction enzyme Dpn1 (NEB), the PCR product was transformed into 
competent E. coli DH5α cells. The R551A mutation was verified by sequencing of the isolated plasmid. 
 VSV-G pseudotyped virus particles were generated by transfecting human embryonic kidney 293T 
(HEK293T) cells with the α-catenin conformation sensor in the pCDH vector backbone, together with 
packaging plasmids psPAX2 and pMD2.G. HEK293T cells were a gift from Cara Gottardi 
(Northwestern). pMD2.G and psPAX2 were gifts from Didier Trono (Addgene plasmid #12259 and 
#12260). HEK293T cells were transfected using a standard calcium phosphate protocol. Plasmid DNA 
(10 μg α-catenin pCDH expression construct, 7.5 μg psPAX2, 5 μg pMD2.G) was combined with 50 μL 
                                                     
4 These procedures were carried out by Alokananda Ray, who introduced the R551A mutation into the α-catenin 
conformation sensor and created the stable R2/7 cell lines expressing the WT or R551A sensor. 
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of 2 M CaCl2 and diluted to 500 μL with nuclease-free water. The plasmid-CaCl2 solution was added to 
500 μL of HEPES-buffered saline (140 mM NaCl, 1.5 mM Na2HPO4, 50 mM HEPES) and incubated 30 
min at room temperature before being added dropwise onto HEK293T cells cultured on a 100-mm cell 
culture dish. At 6 h post-transfection, the cell culture medium was removed by aspiration and replaced 
with 5 mL of virus harvesting medium (DMEM supplemented with 10% FBS, 6 mM glutamine, 1x MEM 
Non-Essential Amino Acids Solution (Gibco), 1.1 g/L BSA, and 1 mM sodium pyruvate). Packaged viral 
particles collected from 12 100-mm dishes at 24 h post-transfection were concentrated by centrifugation 
at 20,000 rpm for 2 h in a Beckman L8-70 ultracentrifuge, then resuspended in 300 μL of virus harvesting 
medium. 
 R2/7 cells were grown to 60% confluence in T25 cell culture flasks and infected for 24 h with 50 μL 
of concentrated virus diluted in 5 mL culture medium supplemented with 10 μg/mL Polybrene (Santa 
Cruz Biotechnology). Infected cells were washed with phosphate-buffered saline (PBS) and cultured for 
an additional 48 h. At 72 h post-infection, cells were rinsed in PBS and detached by with TrypLE Express 
with phenol red (1x; ThermoFisher Scientific) and resuspended in PBS. The cells were then sorted 
according to the intensities of the ECFP and YPet fluorophores in a FACSAria cell sorter (BD 
Biosciences) at the Roy J. Carver Biotechnology Center, UIUC. Cells with highest fluorescence 
intensities for both the donor and acceptor fluorophores (top 5% of the total population) were selected, 
and cultured in T25 flasks with culture medium supplemented with 8 μg/mL puromycin. 
2.4.3. Live-cell FRET imaging 
 In the α-catenin conformation sensor, ECFP is inserted between residues 315 and 316 and YPet is 
inserted between residues 639 and 640.51 Residues 315 and 316 are located N-terminal to the VBS within 
the MI helix bundle. Although the insertion of ECFP disrupts the second helix (h2) within the MI bundle, 
it is not expected to perturb the key interactions between h3 and h4 that encrypt the VBS, as observed in 
the crystal structure26 and in the constant-force SMD simulation (Figure 2.7A). This expectation is borne 
out in prior functional studies that verified that the sensor both recapitulates α-catenin function in α-
catenin-depleted cells and responds to changes in tension at the junction.51 Residues 639 and 640 are part 
of the unstructured linker region between MIII and the C-terminal domain,26,39 such that the insertion of 
YPet should not significantly affect α-catenin unfurling. The function of the R551A mutant was verified 
by its localization at MDCK and R2/7 cell-cell junctions (Figure 2.4, Figure 2.8), as well as by the 
increased recruitment of vinculin to resealing junctions between R2/7 cells (Figure 2.3). 
 MDCK and R2/7 cells expressing the α-catenin conformation sensor were each detached with 
TrypLE Express (1x; ThermoFisher Scientific) and seeded on collagen-coated glass. Petri dishes with 
#1.5 cover glass (Cell E&G) were functionalized with collagen by incubation with 20 μg/mL collagen 
overnight at 4°C. Live-cell fluorescence images were obtained at 6 h after seeding, using a Zeiss Axiovert 
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200 inverted microscope and MetaFluor 6.2 software (Molecular Devices). For the +EGTA condition, 
cells were treated with 2 mM EGTA 2 min before imaging. For the +CytoD condition, cells were treated 
with 1 μM CytoD 10 min before imaging. The background-subtracted ratio of FRET to donor (ECFP) 
emission (FRET/ECFP) was determined in regions of interest (ROIs) at cell-cell junctions or in the 
cytosol with MetaFluor. ROIs used for background subtraction were defined near each transfected cell. 
Average FRET/ECFP ratios of triplicate images taken at each ROI and average FRET/ECFP ratios for 
each condition were calculated with Excel (Microsoft). The number of ROIs analyzed and number of 
independent experiments performed for each condition are provided in Table 2.3. The statistical 
significance of differences between mean values was assessed by one-way ANOVA supported by 
OriginPro software (OriginLab). A p value < 0.001 defines a statistically significant difference at the 
99.9% confidence level. 
 
Cell line Sensor Condition ROI FRET/ECFP n ROIs n cells N 
R2/7 WT untreated junction 1.78 + 0.03 39 25 1 
R2/7 R551A untreated junction 1.50 + 0.02 26 19 2 
MDCK WT untreated junction 1.80 + 0.01 55 29 4 
MDCK WT + EGTA junction 1.96 + 0.02 24 15 2 
MDCK WT + CytoD junction 1.96 + 0.02 29 17 2 
MDCK R551A untreated junction 1.52 + 0.01 57 33 4 
MDCK R551A + EGTA junction 1.70 + 0.01 19 14 2 
MDCK R551A + CytoD junction 1.70 + 0.01 37 20 2 
MDCK D503N untreated junction 1.63 + 0.01 57 32 4 
MDCK D503N + EGTA junction 1.75 + 0.01 27 15 2 
MDCK D503N + CytoD junction 1.75 + 0.01 15 11 2 
MDCK WT untreated cytosol 1.78 + 0.02 29 29 4 
MDCK WT + EGTA cytosol 1.82 + 0.02 15 15 2 
MDCK WT + CytoD cytosol 1.81 + 0.01 17 17 2 
MDCK R551A untreated cytosol 1.53 + 0.01 33 33 4 
MDCK R551A + EGTA cytosol 1.58 + 0.02 14 14 2 
MDCK R551A + CytoD cytosol 1.55 + 0.02 20 20 2 
MDCK D503N untreated cytosol 1.67 + 0.01 32 32 4 
MDCK D503N + EGTA cytosol 1.70 + 0.01 15 15 2 
MDCK D503N + CytoD cytosol 1.67 + 0.02 11 11 2 
MDCK WT 8.8 kPa junction 1.96 + 0.02 11 5 1 
MDCK R551A 8.8 kPa junction 1.70 + 0.01 41 20 1 
MDCK WT 8.8 kPa cytosol 1.87 + 0.03 5 5 1 
MDCK R551A 8.8 kPa cytosol 1.64 + 0.01 20 20 1 
 
Table 2.3 Absolute FRET/ECFP ratios measured for the α-catenin conformation sensor. Values are reported as 
average + standard error of the mean (SEM). n ROIs = number of ROIs analyzed, n cells = number of cells 
analyzed, N = number of independent experiments performed. 
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2.4.4. Immunofluorescence imaging5 
 The ratio of vinculin to α-catenin was determined in ROIs at reannealing junctions, following a 
calcium switch. Subconfluent R2/7 cells expressing the α-catenin conformation sensor were treated with 2 
mM EGTA for 2 min to disrupt cadherin junctions. Next, the cells were bathed with DMEM (~2 mM 
Ca2+) to induce junction reannealing. At defined time points after calcium addition, cells were fixed and 
immunostained. In the control condition, cells were cultured in DMEM (~2 mM Ca2+), but were not 
subjected to calcium removal before fixation. Cells were fixed with 4% paraformaldehyde in PBS for 15 
min and permeabilized with 0.1% (w/v) Triton X-100 in PBS for 5 min. After blocking with 1% (w/v) 
BSA in PBS for 20 min, cells were immunostained for vinculin (mouse anti-vinculin, Sigma cat. # 
V9131, 1:200 dilution; goat anti-mouse IgG Alexa 647, Invitrogen cat. # A21236, 1:200 dilution) and α-
catenin (rabbit anti-α-catenin, Sigma cat. # C2081, 1:200 dilution; goat anti-rabbit IgG FITC, Sigma cat. # 
F9887, 1:200 dilution).  
 In measurements of the relative intensities of α18/anti-α-catenin (activated/total α-catenin), R2/7 
cells stably expressing either WT or R551A forms of the α-catenin sensor were seeded on collagen-
coated glass (~80% confluence) and cultured overnight in DMEM. The cells were then fixed and stained 
for total α-catenin with rabbit anti-α-catenin (as above) and for activated α-catenin with the conformation-
specific α18 antibody (rat anti-α-catenin, gift from Prof. Akira Nagafuchi, Nara Medical University, 
Japan, 1:400 dilution; goat anti-rat Alexa 647, Abcam, cat. # ab150159, 1:400 dilution). 
 Images were acquired with a Zeiss LSM 700 laser-scanning confocal microscope equipped with a 
Plan Apochromat 63x 1.4 NA oil immersion objective lens (Zeiss) and ZEN 2008 software (Zeiss). The 
fluorescence intensities of vinculin (Alexa 647) or α-catenin (FITC) at junctions were quantified using 
ImageJ software (version 1.44, National Institutes of Health). Average vinculin/α-catenin intensity ratios 
were calculated with Excel. At least 20 cells and at least 41 ROIs were analyzed for each condition. The 
statistical significance of differences between two mean values was assessed by a Welch’s t test supported 
by Excel. A p value < 0.05 defines a statistically significant difference at the 95% confidence level. 
 When comparing the levels of activated α-catenin at static junctions between R2/7 cells, the 
expression levels of the α-catenin sensor was found to affect cell packing and junction organization, both 
of which would likely affect the intercellular tension. To minimize variability in α18 α-catenin 
measurements that could arise from such heterogeneity, we focused on cells with similar sensor 
expression levels, based on the intensity of FITC fluorescence.  We further limited measurements (and 
comparisons) to cells within similar-sized clusters and away from edges of the clusters where cells could 
be more contractile. These measures significantly reduced variability in determined α18/α-catenin ratios 
                                                     




that were obtained with cells expressing either the WT or R551A sensor. For comparisons of the α18/ α-
catenin ratios, at least 220 junctions from two independent experiments were analyzed. 
2.4.5. Protein expression and purification 
 E. coli BL21(DE3) cells expressing either full-length mouse His6-αE-catenin (WT or R551A, gifts 
from Mitsu Ikura, University of Toronto) or human vinculin head domain (VHD, residues 1-252 with N-
terminal GST tag, gift from Mitsu Ikura, University of Toronto) were grown in Lennox LB medium (10 
g/L tryptone, 5 g/L yeast extract, 5 g/L NaCl). Expression of His6-α-catenin or VHD was induced with 0.1 
or 1 mM isopropyl β-D-1-thiogalactopyranoside (IPTG), respectively. The bacterial cultures were 
pelleted by centrifugation at 5,000 rpm for 10 min in a Sorvall RC-5C Plus centrifuge equipped with a 
GS3 rotor. Pellets were frozen at -20°C at least overnight, then thawed and resuspended in lysis buffer (50 
mM Tris pH 8.0, 300 mM NaCl, 5 mM MgCl2, 10 mm β-mercaptoethanol, 1 mM Tris(2-
carboxyethyl)phosphine (TCEP), 1x Complete EDTA-free protease inhibitor cocktail (Roche), 0.67 
mg/mL lysozyme) and incubated on ice for 30 min. The resuspended pellets were sonicated using a 
Qsonica sonicator at 70% intensity, using 6 one-second pulses per min for 4 min total sonication time. 
The cell lysate was clarified by centrifugation at 17,000 rpm for 45 min in a Sorvall RC-5C Plus 
centrifuge equipped with an SS34 rotor. The clarified lysate was filtered through a 0.45-μm filter 
(Sarstedt) before loading onto an affinity column. The His6-α-catenin was bound to a Ni-NTA agarose 
(Qiagen), washed with 20 mM imidazole, and eluted with 100 mM imidazole. The constitutively active 
vinculin head domain was bound to glutathione resin (GenScript) and washed with wash buffer (50 mM 
Tris pH 8.0, 300 mM NaCl, 5 mM MgCl2, 1 mM TCEP). The GST tag was cleaved on-column by 
overnight incubation at 4°C with 200 units bovine thrombin (BioPharm Laboratories) in 2 column 
volumes wash buffer without TCEP. Both proteins were further purified by anion exchange 
chromatography on a Pharmacia HiTrap Q Sepharose HP column. Buffer was exchanged with storage 
buffer (15 mM Tris pH 8.0, 300 mM NaCl, 5 mM MgCl2) using Amicon Ultra-15 10 kDa MWCO 
centrifugal filters (EMD Millipore). 
2.4.6. Biolayer interferometry (BLI) 
 Solution binding measurements were performed with the hexahistidine-tagged, full-length αE-
catenin. Purified WT α-catenin and the R551A mutant both retain vinculin-binding activity, as 
documented previously.26 BLI measurements were carried out on a ForteBio Octet QK system. All 
protein solutions were diluted in assay buffer (15 mM Tris pH 8.0, 300 mM NaCl, 5 mM MgCl2, 0.1 
mg/mL BSA). BSA was included in the assay buffer to minimize non-specific VHD binding to the 
sensor. Ni-NTA biosensors (ForteBio) were hydrated at least 20 min in assay buffer before beginning the 
assay. All assay steps were carried out at 30°C. After a 10-min delay with shaking to mix the 96-well 
plate containing the protein solutions, hydrated biosensors were equilibrated 1 min in assay buffer, loaded 
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with 50-100 nM His6-α-catenin (WT or R551A) until binding reached ~1 nm, and washed 2 hr in assay 
buffer. A 15-min baseline was then acquired in assay buffer. Next, parallel α-catenin-loaded sensors were 
submerged in a range of concentrations of VHD (200 nM to 20 μM for WT, 50 nM to 3.2 μM for 
R551A). The highest concentration corresponds to ~10x Kd in each case. Any non-specific adsorption of 
BSA to the sensors was controlled for by subtracting from all association traces the trace for a loaded 
sensor immersed in assay buffer. 
 It should be noted that although the α-catenin in solution exists as a mix of monomer and homodimer, 
we expect the protein on the sensor to be primarily monomeric because the 50-100 nM concentrations 
used for loading are low relative to the 25 μM Kd for α-catenin dimerization.98 At these concentrations, 
the α-catenin in solution is 99% monomeric at equilibrium. 
 Dissociation constants (Kd) were determined using Octet 8.0 Data Analysis software (ForteBio) to fit 







The dissociation constants determined from each independent experiment, as well as the R2 and χ2 
goodness-of-fit measures for the steady-state fits to the data, are provided in Table 2.4. The uncertainty in 
the average Kd value was determined by propagation of error from the individual fits. 
 
Experiment Kd R2 χ2 
WT-1 1.8 + 0.1 0.98 0.00031 
WT-2 1.7 + 0.3 0.99 0.00010 
R551A-1 0.14 + 0.02 0.97 0.00038 
R551A-2 0.16 + 0.02 0.98 0.00045 
R551A-3 0.12 + 0.01 0.98 0.00030 
 
Table 2.4 The dissociation constants (Kd) and associated R-squared and chi-squared values for the fits of each 
independent BioLayer Interferometry (BLI) experiment to the steady-state binding equation. 
2.4.7. Molecular dynamics (MD) simulations6 
 Molecular dynamics simulations were performed with the M domain (residues 273-635) of the human 
αE-catenin monomer (chain A), the structure of which was obtained from the crystal structure of the 
dimer (PDB ID 4IGG39). This study did not investigate the dimer because only the α-catenin monomer 
binds to β-catenin at cadherin adhesions. The core M domain (MI-MIII) was essentially identical in both 
protomers in the asymmetric dimer of human αE-catenin,39 as well as in the mouse αE-catenin dimer 
                                                     
6 The constant-force steered molecular dynamics simulation of α-catenin unfolding was performed by Jing Li. 
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structure26 (Ishiyama, personal communication). We used the monomer structure extracted from the 
human α-catenin dimer because it contains a more complete M domain structure (residues 273 to 635, as 
opposed to 290-631) and was determined at higher resolution (3.7 Å, compared to 6.5 Å) compared to the 
mouse α-catenin structure. We used this same structure in our prior simulations.50 Slight differences in the 
N-terminal domains of the full-length protein structures were not relevant to these simulations, because 
we previously showed that the M-domain unfolds independently of the N-terminal domain.50 
 All ionizable residues in the α-catenin M domain were assigned their default protonation states. The 
peptide bond between G274 and G275 was changed from the cis to trans configuration using the 
Cispeptide plugin of VMD.99 The Solvate and Autoionize plugins of VMD were used to solvate the 
system in a water box with at least 15 Å between the protein and the boundary of the box, and to add 150 
mM NaCl and neutralize the net charge of the system, respectively.67 
 All-atom MD simulations were performed using NAMD2,62 the CHARMM27 force field for proteins 
and ions,64–66 and the TIP3P model for explicit water.100 NAMD was developed by the Theoretical and 
Computational Biophysics Group in the Beckman Institute for Advanced Science and Technology at the 
University of Illinois at Urbana-Champaign. All simulations were performed using periodic boundary 
conditions and a time step of 2 fs. A constant temperature of 310 K was maintained using Langevin 
dynamics with a damping coefficient of 0.5 ps-1.101,102 Short-range, non-bonded interactions were 
calculated using a cutoff distance of 12 Å, and long-range electrostatic forces were described with the 
Particle Mesh Ewald (PME) method.69 Throughout the simulations, bond distances involving hydrogen 
atoms were fixed using the SHAKE algorithm.103 After an initial 10,000 steps of energy minimization 
with all Cα atoms fixed, the system was equilibrated in an NVT (constant Number, Volume, and 
Temperature) ensemble for 500 ps, during which all protein Cα atoms were fixed to allow relaxation of 
the side chains and water. Subsequent equilibrium simulations were performed in an NVT ensemble. In 
constant-force SMD simulations of forced unfolding of α-catenin, a 100-pN pulling force was applied to 
the alpha carbon (Cα) atom of N-terminal residue 273. The Cα atom of C-terminal P635 was fixed to 
prevent the overall translation of the system in response to the applied external force. The force was 
directed along the x-axis between the two anchoring points, and the C-to-N direction was defined as 
positive. The water box containing the equilibrated structure was extended by an extra 300 Å in the 
positive x direction to accommodate the unfolded structure. 
 Simulation outputs were analyzed using VMD67 and plotted using the matplotlib plotting library.104 
The first 5 ns of each equilibrium simulation were excluded from analysis to avoid biasing the results 
toward the initial coordinates. Internal and interdomain energies were computed using the NAMD Energy 
plugin built-in to VMD.62,67 We used the A316-P635 distance during the SMD simulation as an 
approximation of the inter-chromophore distance in the α-catenin conformation sensor. We used residue 
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635 as a proxy for the YPet position (between residues 639 and 640) because the amino acids 636-665 in 
the α-catenin crystal structure are disordered.39 Snapshots of α-catenin conformations were created using 
the Tachyon ray tracing library built-in to VMD.105 
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Chapter 3. Molecular dynamics simulations of the α-catenin actin-binding 
domain1 
3.1. Introduction 
 Cells within tissues are linked to each other through cell-cell junctions called adherens junctions 
(AJs). At AJs, homophilic interactions between the extracellular domains of cell adhesion proteins called 
cadherins effect intercellular adhesion. Inside the cell, proteins called catenins link cadherin to the actin 
cytoskeleton. β-catenin binds directly to the cadherin intracellular domain and to α-catenin, which binds 
actin.5–7 This mechanical link between AJs and the actin cytoskeleton allows cells to actively adjust the 
tension across cell-cell junctions by counterbalancing exogenous tension with actomyosin-generated 
endogenous force.15 This control of tension between adjacent cells is required in order to regulate crucial 
tissue functions, such as barrier integrity in static tissues, as well as cell movement and shape changes 
during dynamic processes such as embryogenesis.106–108 Although the mechanisms by which cells 
modulate cadherin-mediated cell adhesion are incompletely understood, it is clear that cells must 
coordinate extracellular cadherin adhesion and intracellular connections between α-catenin and the actin 
cytoskeleton in order to sense and regulate intercellular tension.  
 The N-terminal β-catenin binding domain of α-catenin overlaps with a homodimerization domain, 
suggesting that α-catenin monomers and homodimers have distinct functions.42,43,45 Monomeric α-catenin 
connects the cadherin-β-catenin complex to F-actin at AJs, whereas cytosolic α-catenin homodimers 
facilitate F-actin bundling.5,42,45,109,110 Although the potential contribution of α-catenin dimers to cell-cell 
adhesion remains unclear,9,49 it is well-established that monomeric α-catenin is a mechanosensor that 
reinforces the cadherin-actin connection through force-dependent association with vinculin, another actin-
binding protein.9–11,13,14,17 Furthermore, recent optical tweezers-based measurements revealed that the 
cadherin-catenin complex establishes a robust bond with F-actin under a force of 5-10 pN,7 comparable to 
the ~4 pN of force exerted by a single myosin motor.111 In a typical slip bond, applied force decreases the 
bond lifetime.52,86,87 In contrast, the force-induced strengthening of α-catenin binding to actin is explained 
by a catch-bond model, in which moderate forces (5-10 pN) increased the lifetime of the α-catenin/actin 
interaction, whereas forces above 10 pN favored dissociation of α-catenin from actin.7 
 Low-resolution structures of complexes between F-actin and the actin-binding domain (ABD) of αE-
catenin47 or vinculin,112 an α-catenin homolog, were each recently determined by cryo-electron 
microscopy (Cryo-EM). Both structures showed two actin molecules associated with each ABD. Two 
                                                     
1 This chapter is partly adapted from Ishiyama, N.; Nishikawa, T.; Wood, M.; Barrick, S.; Sarpal, R.; Hayashi, H.; 
Flozak, A.; Yemelyanov, A.; Yonemura, S.; Tepass, U.; Leckband, D.; Gottardi, C.; Ikura, M. Force-dependent 




hydrophobic residues identified as part of the actin-binding site of vinculin, I997 and V1001,112 are 
conserved in αE-catenin as I792 and V796,26 suggesting that these residues play key roles in the actin-
binding function of both proteins. Consistent with this suggestion, an I792A mutation significantly 
reduced the affinity of α-catenin for F-actin.113 The similarity in the mechanisms of α-catenin and vinculin 
binding to actin is further supported by studies showing that each ABD binds cooperatively to F-actin 
with sub-micromolar affinity.7,47,114 Despite these similarities in ABD binding to actin, distinct 
mechanisms effect the autoinhibition of the α-catenin and vinculin ABDs. An intramolecular association 
between the vinculin head and tail (ABD) domains autoinhibits its actin-binding site.19 In contrast, the α-
catenin ABD does not interact with either the N or M domain,98 so modulation of its actin-binding activity 
is likely confined to intradomain interactions within the ABD. However, conformational changes in the α-
catenin ABD that might increase its affinity for actin have not yet been demonstrated. 
 Tension stabilizes the α-catenin ABD/F-actin interaction (catch bond) through an as-yet-unknown 
mechanosensing mechanism. In this chapter, I describe molecular dynamics (MD) simulations of the 
ABDs of two α-catenin isoforms, N (neural) and E (epithelial), that complement experiments carried out 
by collaborators. Together, these studies tested the hypothesis that tension-induced unfolding of α1-helix 
promotes strong actin binding by allosterically regulating the position of V795/796 (αN-/αE-catenin), an 
amino acid residue within the α-catenin actin-binding site. Equilibrium MD simulations compared the 
wild-type (WT) ABDs of αE- and αN-catenin to an H1 mutant of αN-catenin ABD designed to mimic 
force-induced unfolding of α1-helix. Constant-force steered molecular dynamics (cfSMD) simulations 
investigated the unfolding of α1-helix of the αE- and αN-catenin ABDs under a constant force of 100 pN. 
The results of these simulations suggest a possible mechanism underlying the α-catenin/actin catch bond, 
which is supported by experiments investigating the H1 mutant of αN-catenin as well as actin-binding-
deficient mutants of αE-catenin, including V796A. The experimental and simulation results are discussed 
in the context of a proposed model of force-dependent cadherin-catenin-actin linkage involving exposure 
of V795/796 and dimerization of junctional α-catenin through the ABD, each of which are promoted by 
force-induced unfolding of α1-helix. The ABD-mediated α-catenin homodimers in turn promote actin 
bundling and cadherin clustering at AJs. 
3.2. Results and discussion 
 Comparison of the ABDS of vinculin and αN- and αE-catenin (Figure 3.1) revealed structural motifs 
present only in α-catenin, notably a short N-terminal α-helix (α1-helix, αN-catenin residues 668-674) and 
a β-hairpin between α5- and α6-helix (βH) (Ishiyama et al., in preparation). The α-catenin ABD also 
contains an extended C-terminal unstructured tail, which is known to be involved in actin binding.6,113 In  
contrast, potential roles of α1-helix and βH in actin binding have not yet been identified. Thus we focused 






Figure 3.1 Crystal structures of the actin-binding domain (ABD) from αN-catenin (PDB ID 4K1O26), αE-catenin 
(PDB ID 4IGG39, chain B), and vinculin (PDB ID 1ST621). The red and blue boxes mark the regions of the vinculin 
ABD that correspond to structural features unique to the α-catenin ABDs: α1-helix (red) and the β-hairpin 
(cyan/blue), respectively. The V795/796 side chains in αN-/αE-catenin and the vinculin V1001 side chain are shown 
in cyan van der Waals representation. 
3.2.1. α-Catenin binds actin through α5-helix of the actin-binding domain (ABD) 
 The proposed actin-binding site of the α-catenin ABD involves α5-helix, which contains the 
hydrophobic residues I791/792 and V795/796 (αN-/αE-catenin; see Figure 3.1). To date, a high-resolution 
structure of the F-actin-bound α-catenin ABD has not been solved. Nonetheless, the results of actin 
cosedimentation assays support the direct involvement of α5-helix in actin binding. The I792A mutation 
was previously shown to reduce the amount of αE-catenin ABD bound to actin by ~30%.113 The V796A 
and L785A mutants reduced the amount of ABD cosedimented with actin by ~40% and ~80%, 
respectively (Ishiyama et al, in preparation). Biolayer interferometry (BLI) measurements of α-catenin 
ABD binding to immobilized F-actin revealed similarly decreased actin binding by the L785A, I792A, 
and V796A mutants relative to WT (Ishiyama et al., in preparation). Furthermore, saturation-transfer 
difference nuclear magnetic resonance (NMR) studies demonstrated a direct interaction between α5-helix 
and F-actin (Ishiyama et al., in preparation). Thus exposed hydrophobic residues on the surface of α5-
helix likely play a key role in actin binding by α-catenin. 
 Although several hydrophobic residues are implicated in actin binding, residues such as I791/792 and 
L784/785 cannot account for the force-dependent increase in the ABD affinity for actin because their 
conformations are constrained by their location within α5-helix. In contrast, V795/796 is located within a 
short unstructured region between α5-helix and βH (see Figure 3.1). Although αN- and αE-catenin share 
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identical primary sequence in the region surround V795/796 (residues 681-806), V796 is exposed to 
solvent in the crystal structure of αE-catenin,39 whereas V795 is buried in the α-helix bundle of αN-
catenin (see Figure 3.1).26 Because we observed no significant structural differences between αE- and αN-
catenin that might account for the different positions of V795/796, we hypothesized that V795/796 can 
‘flip’ back and forth between the buried and exposed positions, and that applied force favors the exposed 
position by unfolding α1-helix. Thus force-dependent exposure of V795/796 to contact actin could 
underlie the catch-bond mechanism of α-catenin/actin binding. 
3.2.2. Force induces unfolding of α1-helix within the α-catenin ABD 
 To predict how force alters the conformation of the α-catenin ABD, I performed steered molecular 
dynamics simulations of the αE- and αN-catenin ABDs under a constant force of 100 pN. In these cfSMD 
simulations, the center of mass of the ABD was fixed, and the force was applied to the N-terminal atom. 
This geometry was chosen based on the proposed mechanism of ABD binding to actin, based on a Cryo-
EM structure of the complex.47 In each simulation, the ABD structure remained largely intact as the N-
terminal α1-helix unfolded (Figure 3.2). The root-mean-square deviation (RMSD) from the crystal 





Figure 3.2 (cont.) 
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Figure 3.2 Unfolding of α1-helix of the αE- or αN-catenin actin-binding domain (ABD) during constant-force 
steered molecular dynamics (cfSMD) simulations. A. Root-mean-square deviation (RMSD) from the crystal 
structure of the αE- or αN-catenin ABD during 50-ns equilibrium molecular dynamics (MD) and subsequent 120-ns 
cfSMD simulations. Arrows indicate unfolding of α1-helix. B. Snapshots of the ABD conformation of αE-catenin 
(blue) or αN-catenin (green) at selected time points during the cfSMD simulations. The α1-helix in each ABD is 
colored orange. The snapshots at 61 ns (αN) and 44 ns (αE) correspond to the green and blue arrows, respectively, in 
panel A. 
 Interestingly, αN-catenin V795 is exposed after ~40 ns of applied force, well before α1-helix unfolds 
at ~60 ns. This observation suggests that a relatively minor conformational change in α1-helix might be 
sufficient to promote the exposure of V795, with a resultant increase in affinity for actin. This 
interpretation is consistent with the exposed position of V796 in the αE-catenin crystal structure, in which 
α1-helix is intact. These findings suggest that complete unfolding of α1-helix might ‘lock’ the ABD in the 
high-affinity conformation. 
3.2.3. An αN-catenin ABD mutant (H1) mimics force-induced unfolding of α1-helix 
 In order test the hypothesis that unfolding α1-helix allosterically regulates actin binding, an αN-
catenin ABD mutant (H1) was designed to mimic force-induced unfolding of α1-helix (Ishiyama et al., in 





Figure 3.3 Crystal structure of the H1 αN-catenin actin-binding domain (ABD), in which α1-helix is unfolded by a 
RAIM669-672GSGS mutation (Ishiyama et al., in preparation). The β-hairpin (blue/cyan) is still intact in the H1 
αN-catenin ABD. The V795 side chain is shown in cyan van der Waals representation. 
H1 αN-catenin ABD displayed an increased affinity for F-actin, relative to WT (Ishiyama et al., in 
preparation). Furthermore, cells expressing α-catenin that contained an N-terminally truncated ABD (1-
402/697-906) exhibited increased adhesion and junction stability in various in vivo assays. These assays 
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also demonstrated the importance of α1-helix-mediated attenuation of actin anchorage for dynamic cell 
processes such as wound healing and embryonic development. Thus force-dependent modulation of the 
cadherin-actin linkage appears to be crucial to the dynamic remodeling of intercellular junctions. NMR 
chemical shift perturbation analysis revealed that the H1 mutation induces structural changes in the 
protein backbone at V795 and in βH, suggesting that these regions might change conformation in 
response to force (Ishiyama et al., in preparation). 
3.2.4. Unfolded α1-helix allosterically promotes exposure of αN-catenin V795 
 I performed equilibrium MD simulations of 1) the ABDs of WT αE- and αN-catenin, to gain insight 
into the dynamic conformation of the solvated ABDs, as opposed to the static crystal structures, and 2) 
the H1 mutant of αN-catenin ABD, to examine the effect of unfolding α1-helix on the position of V795. 
Figure 3.4 shows the position of V795/796 during the equilibrium MD simulations of αN-/αE-catenin. 





Figure 3.4 Position of V795/796 during equilibrium MD simulations of the actin-binding domains (ABDs) of wild-
type αE-catenin, WT αN-catenin, and the H1 (RAIM669-672GSGS) mutant of αN-catenin. A. Snapshots of the 
region of α5-helix containing V795/796 at specified time points during each MD simulation. Protein backbones are 
color coded according to the legend in panel B. B. Evolution of distance between the beta carbon atoms of V795/796 
and I791/792 (αN/αE-catenin) during the MD simulations. 
In αE-catenin, V796 remains exposed through ~200 ns of equilibrium simulation time (Figure 3.4). In 
contrast, V795 of αN-catenin flips from the buried to the exposed position at 54 ns. Thus αN-catenin 
V795 adopts the same position as αE-catenin V796 during the equilibrium simulation, consistent with the 
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hypothesis that the different positions of V795/796 in the αN/αE-catenin crystal structures reflect 
conformational flipping between the buried and exposed positions. 
 V795 is buried in the crystal structure of the H1 mutant of αN-catenin ABD (see Figure 3.3), as it is 
in the WT structure. However, V795 of the H1 αN-catenin ABD adopted the exposed position after only 
16 ns of simulated equilibration (Figure 3.4), compared to 54 ns for the WT ABD. Thus unfolded α1-
helix appears to facilitate exposure of V795, which might account for the enhanced affinity for actin 
observed for H1 αN-catenin relative to WT ABD (Ishiyama et al., in preparation). 
 Because we do not observe a change from the exposed to the buried position during these simulations, 
we cannot exclude the possibility that the buried position of αN-catenin V795 is merely a crystal-induced 
artifact. However, the existence of the buried position is supported by the following observations: 1) the 
crystal structure of the αE-catenin ABD contains a cavity that corresponds to the buried position of V795 
in αN-catenin ABD, consistent with the ability of V796 to adopt the buried position, and 2) Chemical-
Shift-Rosetta (CS-Rosetta),115 which models protein structure based on nuclear magnetic resonance 
(NMR) chemical shift data, predicted the exposed position of V795 in the H1 mutant, consistent with the 
observed exposure of V795 during the MD simulation (Ishiyama et al, in preparation). The successful 
prediction of the correlation between unfolded α1-helix and exposure of V795 by two independent 
techniques supports that the change in V795 conformation is physiologically relevant, rather than an 
artifact. Furthermore, if the distinct V795/796 positions in crystal structures of αN-/αE-catenin reflect 
different predominant conformations, the favored exposure of V796 is consistent with the observation that 
αE-catenin bound more F-actin than αN-catenin in vitro.26 The failure of the MD simulations to capture 
flipping of V795/796 from the exposed to the buried position might be due to the short time scales 
accessible to all-atom simulations (nano- to microseconds). It is also possible that the buried position is 
rarely occupied in isolated α-catenin, but is favored by binding of β-catenin, which has been suggested to 
allosterically alter the conformation of the ABD.45 If this were the case, V795/796 would predominantly 
adopt the buried position at equilibrium, and conformational flipping of V795/796 would be rare. 
Interestingly, the two-state catch-bond model used to interpret measurements of force-dependent binding 
between the cadherin-catenin complex and actin suggested that ~90% of the bonds formed in the weakly 
bound state,7 which we suggest involves buried V795/796. Regardless of whether conformational flipping 
takes place at equilibrium, our model predicts that force-dependent exposure of V795/796 promotes 
strong α-catenin/actin binding under tension. 
 The movement of αN-catenin V795 from the buried to the exposed position appears to form an 
additional turn in α5-helix of the ABD helix bundle (see Figure 3.4A), which is part of the putative α-
catenin actin-binding site. To assess whether the change in V795 position promotes the incorporation of 
V795 into α5-helix, I performed a Timeline analysis of the equilibrium simulation of H1 αN-catenin using 
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the molecular visualization software Visual Molecular Dynamics (VMD).67 This analysis shows the 
conformation of the C-terminal residues of α5-helix, as determined by the secondary structure assignment 
software STRIDE,116 as a function of simulation time (Figure 3.5). Early in the simulation, V795 is part of 
a random coil, with the occasional structural assignment as a beta turn. After V795 is exposed at 16 ns, it 
is more likely to be assigned α-helical structure. Thus exposure of V795 seems to correlate with its 
incorporation into α5-helix, further supporting that this conformational change could be important for 
actin binding in vivo. 
 
 
Figure 3.5 Timeline of the secondary structure assigned to the region of α5-helix containing V795 during a 43-ns 
equilibrium MD simulation of H1 αN-catenin actin-binding domain (ABD). 
3.2.5. The α-catenin ABD facilitates tension-induced homodimerization 
 A crystal structure of the H1 αN-catenin ABD revealed a novel dimerization interface involving βH 
docking onto a hydrophobic patch exposed by unfolding of α1-helix (Ishiyama et al., in preparation). 
ABD dimerization was confirmed by chemical cross-linking experiments, which showed that although 
both WT and H1 ABDs are primarily monomeric in solution, the H1 mutation enhances dimerization. 
Furthermore, dimerization of the ABD enables it to bundle actin (Ishiyama et al., in preparation). In 
contrast to homodimerization of cytosolic α-catenin through the N-terminal domain, ABD-mediated 
homodimerization could occur at cell-cell junctions. Thus force-induced unfolding of α1-helix might 
promote dimerization of α-catenin through its ABD and consequently enhance α-catenin-mediated actin 
bundling and cadherin clustering at AJs. 
 During the cfSMD simulation of αN-catenin, the RMSD increases sharply when α1-helix unfolds 
(Figure 3.2A). The RMSD of the entire ABD then increases gradually, with larger fluctuations, 
suggesting that unfolded α1-helix increases the conformational flexibility of the ABD. The increased 
flexibility of the β-hairpin (βH) between helices 5 and 6 is particularly striking (Figure 3.6B). A similar 
effect is observed in the equilibrium simulations: the mobility of βH is higher in the H1 mutant compared 
to WT αN-catenin (Figure 3.6A). The increased mobility of βH upon unfolding of α1-helix (Figure 3.6) 
might facilitate dimerization by providing the flexibility needed for βH to adopt its new position within 





Figure 3.6 Time-lapse images of the αN-catenin actin-binding domain (ABD) during molecular dynamics (MD) 
simulations. Each β-hairpin (βH) domain is color-coded according to simulation timestep. As the simulation 
proceeds, the color changes from red to white to blue. The remaining ABD is colored gray. Residues N-terminal to 
α2-helix are omitted for clarity. A. WT or H1 αN-catenin ABD during equilibrium MD simulations. The time-lapse 
images show each frame (every 1 ns) during the 43-ns simulation of H1 or the first 43 ns of the simulation of WT 
αN-catenin ABD. B. WT αN-catenin ABD before (0-60 ns) or after (65-120 ns) α1-helix unfolds in a constant-force 
steered molecular dynamics (cfSMD) simulation. The time-lapse images show every 5 frames (every 5 ns) of the 
cfSMD simulation of WT αN-catenin ABD. 
3.3. Conclusions 
 α-Catenin links cadherin-mediated junctions to the actin cytoskeleton in a tension-dependent manner 
through a catch bond between the α-catenin ABD and F-actin.7 Force-dependent modulation of the 
cadherin-actin linkage is accomplished through conformational changes in the α-catenin ABD. V795/796, 
a key actin-binding residue, is incorporated into α5-helix, and thus participates in the putative ABD/F-
actin interface, only when it adopts the exposed position. Force-induced unfolding of α1-helix 
allosterically promotes exposure of V795/796 to bind actin, as well as βH-mediated ABD dimerization. 
The simulations described in this chapter 1) elucidated a potential structural basis of the α-catenin/actin 
catch bond by demonstrating the force-induced exposure of V795 suggested by experiments, and 2) 
suggested that unfolding of α1-helix might promote βH-mediated ABD dimerization by enhancing the 
flexibility of the βH motif. These observations provide atomic-level details of the α-catenin ABD 
conformation that could not be accessed with experiments alone. Taken together, our experimental and 
simulation data support a model in which V795/796 flips between the exposed and buried positions in the 
intact ABD, and tension-dependent unfolding of α1-helix ‘locks’ the ABD in the high-affinity state by 
promoting persistent exposure of V795/796. Force-induced unfolding of α1-helix also promotes ABD-
mediated dimerization of α-catenin, which facilitates actin bundling and cadherin clustering to establish 
stable cadherin-mediated cell-cell contacts.  
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3.4. Materials and methods 
 The structure of the WT αN-catenin actin-binding domain (ABD) was obtained from the Protein Data 
Bank (PDB ID 4K1O).26 The structure of H1 αN-catenin, in which the α1-helix sequence (669RAIM672) 
is replaced by an unstructured region (669GSGS672), was obtained as described in Ishiyama et al. (in 
preparation). The structure of the αE-catenin FABD was obtained from the crystal structure of the dimer 
(chain A; Ishiyama et al., in preparation). The Solvate and Autoionize plugins of VMD were used to 
solvate the system in a water box with at least 15 Å between the protein and the boundary of the box, and 
to add 150 mM NaCl and neutralize the net charge of the system, respectively.67  
 All-atom MD simulations were performed using NAMD2,62 the CHARMM27 force field for proteins 
and ions,64,66 and the TIP3P model for explicit water.100 All simulations were performed using periodic 
boundary conditions and a time step of 2 fs. A constant temperature of 310 K was maintained using 
Langevin dynamics with a damping coefficient of 0.5 ps-1.101,102 Short-range, non-bonded interactions 
were calculated using a cutoff distance of 12 Å, and long-range electrostatic forces were described with 
the Particle Mesh Ewald (PME) method.69 Throughout the simulations, bond distances involving 
hydrogen atoms were fixed using the SHAKE algorithm.103 After an initial 10,000 steps of energy 
minimization with all Cα atoms fixed, the system was equilibrated in an NVT (constant Number, Volume, 
and Temperature) ensemble for 500 ps, during which all protein Cα atoms were fixed to allow relaxation 
of the side chains and water. Subsequent equilibrium simulations were performed in an NVT ensemble. In 
cfSMD simulations of the α-catenin FABD, a 100-pN pulling force was applied to the alpha carbon (Cα) 
atom of N-terminal residue 668/9 (αN-/αE-catenin). The center of mass (the sulfur atom of M722/3) was 
fixed to prevent the overall translation of the system in response to the applied external force. The force 
was directed along the x-axis between the two anchoring points, and the vector pointing from the center 
of mass to the N-terminal residue was defined as the positive direction. 
 Simulation outputs were analyzed using VMD67 and plotted using the matplotlib plotting library.104 
The portion of each equilibrium simulation during which the RMSD monotonically increased (the first 7-
13 ns) was excluded from analysis to avoid biasing the results toward the initial coordinates. Snapshots of 
α-catenin conformations were created using the Tachyon ray tracing library built-in to VMD.105 
Secondary structure assignment was carried out by the Timeline plugin of VMD using the built-in 




Chapter 4. Unfolding single α-catenin molecules with atomic force microscopy 
(AFM) 
4.1. Introduction 
 Cells must be able to sense and respond to mechanical force to function properly.117 Force-dependent 
changes in protein conformation are a common mechanism for mechanosensing in cells.117 α-Catenin 
plays such a role at adherens junctions, cell-cell junctions mediated by cadherins.13,14 At adherens 
junctions, cadherins on apposing cells adhere through their extracellular domains. Inside the cells, the 
cadherin cytoplasmic domain interacts with β-catenin, which binds the N-terminal domain of α-catenin.5–7 
α-Catenin links the adhesion complex to the actin cytoskeleton through its C-terminal actin-binding 
domain.5,9 The central M (modulatory) domain of α-catenin contains a binding site for vinculin, another 
actin-binding protein, as well as a domain that inhibits vinculin binding.13 Actomyosin-generated tension 
activates α-catenin through a conformational change that exposes its vinculin-binding site.13 α-Catenin 
then binds vinculin, which reinforces the stressed junction by securing it to the actin cytoskeleton and/or 
by activating a signaling pathway that promotes actin polymerization.13,27 Thus the α-catenin M domain 
enables its role as a mechanotransducer, a protein that transduces mechanical force into a biochemical 
signal.15 
 In the initial model of α-catenin force transduction, tension was proposed to activate α-catenin by 
disrupting a masking interaction between the vinculin-binding and inhibitory domains.13 However, crystal 
structures26,39 of nearly full-length, autoinhibited α-catenin revealed that the vinculin-binding and 
inhibitory domains do not directly contact each other. Instead, the force-sensing region of α-catenin 
comprises three α-helical bundles (MI-MIII) arranged in a λ configuration (Figure 4.1).26 The MI bundle 
contains the vinculin-binding site (VBS), whereas MII and MIII comprise the inhibitory region. A crystal 
structure of the α-catenin VBS bound to the vinculin head domain suggested that α-catenin adopts an 
‘unfurled’ conformation when bound to vinculin (Figure 4.1).23 Based on these structures, a revised model 
was proposed: autoinhibition is effected by intradomain interactions within the MI bundle, which is 
stabilized by interactions with MII-MIII.26 Thus MII-MIII indirectly inhibits vinculin binding through its 
effect on the conformation of MI. Tension relieves this autoinhibition by first disrupting interdomain 
interactions between MI-MIII, then promoting the unfurling of MI to reveal the VBS (see Chapter 2).26 
 To test the model of α-catenin activation through tension-induced conformational change, direct 
evidence that force triggers physiologically relevant conformational changes in α-catenin was needed. In 
this chapter, I describe unfolding single molecules containing the force-sensing domain of α-catenin by 
atomic force microscopy (AFM). These single-molecule force measurements are compared to published 




Figure 4.1 α-Catenin structure. A. Structure of the α-catenin modulatory (M) domain, taken from PDB ID 4K1N.26 
The M domain consists of three four-helix bundles: MI (green/cyan), MII (yellow), and MIII (orange). MI contains the 
vinculin-binding site (VBS, cyan). B. Structure of unfurled α-catenin MI (green/cyan) bound to the vinculin head 
domain (Vh1, purple), taken from PDB ID 4EHP.23 
4.2. Results and discussion 
 In order to perform force-extension measurements of α-catenin unfolding, I cloned the force-sensing 
region of α-catenin (αcatFS, amino acids 273-697) into a polyprotein construct designed for mechanical 
protein unfolding studies (Figure 4.2). This construct consists of concatenated titin I27 beta-sandwich 
domains, which have a distinct sawtooth pattern of unfolding peaks at approximately 200 pN. This pattern 
provides an internal calibration standard and enables the identification of single-molecule traces.118 When 
a test protein is inserted into the poly-I27 protein, its unfolding signature perturbs the regular sawtooth 
profile and identifies the region of the force-extension curve corresponding to unfolding of the test 
protein, in this case α-catenin (see Figure 4.6). 
 
Figure 4.2 Cartoons of polyprotein constructs used in this chapter. Purple domains represent I27. In I273-αcatFS-
I273, the central I27 domain is replaced with αcatFS, which contains MI (green), MII (yellow), MIII (orange), and a 
C-terminal unstructured region (red). 
4.2.1. I277 
 A typical force-extension curve for unfolding of the I277 polyprotein is shown in Figure 4.3. During 
approach (red trace), the AFM tip is brought to the substrate in order to allow protein to adsorb. The 
randomly spaced peaks at the beginning of the retraction curve (blue) are attributed to tip-substrate 
interactions.76 As the tip is retracted, the polyprotein construct is stretched between the tip and substrate 
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and the force increases. The initial extension corresponds to extension of the folded polyprotein, as well 
as any unstructured regions within the polyprotein. Each evenly spaced peak reports the rupture of an 
individual I27 domain or, for the last peak, desorption of the polyprotein from the tip.78 Unfolding of an 
I27 domain increases the extension of the polyprotein, causing the force to drop to near the baseline.76 
 
 
Figure 4.3 Representative force-extension curve for I277. In this example, the five peaks at ~200 pN indicate that 
five I27 domains unfolded. The red or blue line indicates the approach of the tip toward the substrate or the 
retraction of the tip away from the substrate, respectively. The first pair of colored circles (blue) indicates the 
extension of the folded polyprotein. Each subsequent pair of colored circles delineates a region corresponding to 
extension of a single unfolded I27 domain, which was fit to the wormlike chain (WLC) model of polymer elasticity. 
The purple line is the WLC fit. 
The extension following each peak reflects extension of the most recently unfolded domain. This 
extension is fit to the wormlike chain (WLC) model of polymer elasticity, given by the following 


















Each I27 domain tethered between the AFM tip and the substrate during the pull contributes a peak to the 
observed sawtooth signature. Thus the force-extension curve shown in Figure 4.3 reports on unfolding of 
5 I27 peaks. 
 The data from the fits of the WLC model to all I27 peaks (n = 50) from force-extension curves with at 
least two I27 peaks (n = 19) were pooled in order to determine the mean contour length increment ΔLc 
and rupture force Fr for unfolding an I27 domain. The mean contour length increment ΔLc was 27 + 2 nm, 
in agreement with the reported value of 28.4 + 0.3 nm.119 The mean rupture force for unfolding I27 at a 
nominal loading rate of 400 nm/s was 200 + 20 pN (Figure 4.4), in good agreement with the published 




Figure 4.4 Histogram of rupture forces for I277 (n=50 peaks from 19 independent force-extension curves). The bin 
size was chosen based on the Freedman-Diaconis rule.120 The black line is a fit of the rupture force data to a 
Gaussian distribution. 
4.2.2. I273-(α-catenin 273-697)-I273 
 Force-extension curves obtained for I273-αcatFS-I273 (see Figure 4.2), a polyprotein containing six 
I27 domains and the force-sensing region of α-catenin (amino acids 273-697), contain peaks with lower 
rupture forces and longer contour length increments (ΔLc) than observed for the I277 polyprotein (see 
Figure 4.5, Figure 4.6). These features were attributed to the unfolding of αcatFS. The contour length 
increment ΔLc for αcatFS unfolding is the increase in the contour length due to unfolding of the insert. 
Each amino acid contributes approximately 0.365 nm to the contour length of unfolded protein,85 so the 
expected contour length for unfolded αcatFS is LC ~ 155 nm. The folded length can be estimated based on 
a crystal structure of the α-catenin M domain (residues 273-635), which is primarily α-helical (see Figure 
4.1).26 In this structure, no electron density is observed C-terminal to the M domain, suggesting that this 
region is unstructured. Although residues 669-697 are α-helical in a crystal structure of α-catenin residues 
82-906,39 it is unclear whether this structure would be maintained in the absence of the remaining C-
terminal helix bundle. The N- to C-terminal length of the folded M domain (residues 273-635) is 
approximately 3 nm. Thus the predicted ΔLc for unfolding of αcatFS is 152 nm, assuming the rest of the 
insert is unstructured. This represents a lower bound on the contour length increment, because any 
residual secondary structure within residues 636-697 would decrease the length of folded αcatFS. 
 Due to the construction of the polyprotein (see Figure 4.2), single-molecule traces containing at least 
4 I27 peaks also contain αcatFS. Thus I limited my analysis to such traces (n=5), which are shown in 




Figure 4.5 Overlaid force-extension curves (n=5) for I273-αcatFS-I273. Traces are aligned by the first I27 peak. For 
clarity, the approach curve is omitted and only the retraction of the tip from the surface is shown. 
In contrast to the I27 peaks, which superimpose well, there is no clear pattern of peaks associated with 
unfolding of αcatFS. In some cases, the entire domain appears to unfold in one step (Figure 4.6, curve a). 
In other cases, multiple αcatFS unfolding peaks are resolved (Figure 4.6, curve b). These steps likely 
correspond to unfolding of MI, MII, and MIII, which are individually folded domains within αcatFS (see 
Figure 4.1). In contrast to the ‘beads on a string’ structure of poly-I27,121,122 MI-MIII are α-helical bundles 
that form a λ shape in folded αcatFS (Figure 4.1).26,39 It is therefore not straightforward to estimate the 
folded length of each domain within αcatFS, particularly when one or more domains within αcatFS have 
unfolded, as this may result in the reorientation of the remaining folded domains (see Chapter 2). For this 
reason, in the following analysis the contour length increment is estimated as the contour length of each 
domain (MI-MIII), neglecting the folded length of each domain. Thus these estimates represent upper 
bounds on the ΔLC. Each domain within αcatFS contains ~120 amino acids, which corresponds to a 
contour length of ~44 nm (44.9 nm for MI, 41.6 nm for MII, 46.0 nm for MIII). 
 In two of the five force-extension curves shown in Figure 4.5, there is a long (90.9 or 81.4 nm) 
contour length increment that suggests the simultaneous unfolding of two domains (Figure 4.6b,c). In 
each case, the contour length suggests that the third domain within αcatFS was already unfolded. 
Although the specific domains cannot be unambiguously identified from the observed contour length 
increments alone, the proposed mechanism of α-catenin activation predicts that MI unfolds before MII-
MIII. Additionally, simultaneous unfolding of MII and MIII was sometimes observed in a study of α-catenin 
unfolding using magnetic tweezers.24 In curve c (Figure 4.6), the contour length of the initial extension 
indicates that MI is already unfolded. The lack of a resolved peak preceding unfolding of MI suggests that 
MI completely unfolds at low force. This is consistent with the low number density of force peaks 
attributed to unfolding of MI observed in published AFM measurements of the α-catenin M domain.97 In 
curve b (Figure 4.6), a peak at 93 pN precedes a contour length increment of only 25.3 nm, which 
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suggests that MI was only partially unfolded in the initial extension. This unfolding signature might 
reflect unfolding of the first two helices of MI at low force. This is consistent with the relative instability 
of these helices, which was suggested by their partially unstructured form in a crystal structure26 and their 
complete unraveling in simulated α-catenin unfolding (see Figure 2.7). 
 
 
Figure 4.6 Individual force-extension curves obtained for I273-αcatFS-I273. The red or blue line indicates the 
approach of the tip toward the substrate or the retraction of the tip away from the substrate, respectively. The colored 
circles delineate the regions fit to the wormlike chain (WLC) model of polymer elasticity. The purple line represents 
the WLC fit to each peak. 
 I also observed several traces that contained extensions corresponding to αcatFS unfolding after one 
or more I27 domains unfolded (Figure 4.7). The rupture force was sometimes larger than the ~200 pN 
force required to unfold I27. These peaks might represent desorption of αcatFS from the substrate, rather 
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than a true unfolding event. If this is the case, it would suggest that the αcatFS domain adheres strongly to 
the surface, which would limit the number of usable force-extension traces obtained. 
 
 
Figure 4.7 Force-extension curve obtained for I273-αcatFS-I273 showing αcatFS unfold after several I27 domains, 
suggesting desorption of αcatFS from the substrate. 
 The preliminary data presented in this chapter demonstrated that unfolding of the MI-MIII domains 
within the force-sensing region of α-catenin (αcatFS) could not be resolved with sufficient reproducibility 
using AFM. This suggests the relatively low mechanical stability of α-catenin. Magnetic tweezers-based 
measurements, on the other hand, were able to consistently resolve multiple steps during α-catenin 
unfolding, and to correlate the first step to unfurling of α-catenin MI, which enables vinculin binding.24 
MII and MIII, either separately or in one step, unfolded at higher force. This behavior was predicted by 
simulations of the α-catenin M domain, which suggested that force triggered a rearrangement of MII-MIII 
into a more stable conformation (see also Chapter 2).50 Magnetic tweezers can reliably measure forces as 
low as 0.01 pN, compared to the ~10 pN floor of force measurement by AFM.123 Additionally, specific 
attachment of each end of the protein to the substrate and to a bead (in magnetic tweezers-based 
measurements) or AFM tip, rather than the nonspecific adsorption onto a substrate used here, would 
minimize the issue of nonspecific adhesion of α-catenin to the surface. Although AFM measurements of 
α-catenin unfolding were accomplished using specific attachment of the protein to tip and surface, neither 
the unfurling of MI nor the independent unfolding of MII and MIII were resolved.97 
4.3. Materials and methods 
4.3.1. Molecular cloning 
 The pRSET A plasmid encoding I277 with a hexahistidine tag at both the N- and C-termini 
(pRSET/I27) was a gift from Piotr Marszalek (Duke University). This plasmid was modified from a 
poly(I27) vector designed for atomic force microscopy (AFM) force measurements.118 An insert encoding 
the α-catenin M domain (residues 273-697, αcatM) was amplified by polymerase chain reaction (PCR) 
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from the full-length α-catenin gene within the pcDNA3.1 plasmid backbone (gift from Cara Gottardi, 
Northwestern University). The forward primer 5’-ATTAATAGGTACCGATGACCGTCGTGAG and the 
reverse primer 5’-AACATGCTAGCCTTGCTCTTTTCTTCCTG were used to introduce KpnI and NheI 
restriction sites (underlined), respectively. PCR was performed using Phusion high-fidelity DNA 
polymerase (New England BioLabs, NEB). The αcatM insert was purified using the QIAquick PCR 
purification kit (Qiagen). The pRSET/I27 vector and αcatM insert were each digested with KpnI-HF and 
NheI-HF restriction enzymes (NEB). The pRSET/I27 vector was treated with calf intestinal alkaline 
phosphatase (NEB) for one hour at 37°C to prevent religation of the linearized DNA. The αcatM insert 
was ligated into pRSET/I27 vector using the Quick Ligation kit (NEB). Competent E. coli DH5α cells 
were transformed with the ligation reaction. The pRSET/I273-αcatM-I273 plasmid was isolated using a 
Miniprep kit (Qiagen). Insertion of the αcatM insert was verified by digestion of the isolated plasmid with 
KpnI-HF and NheI-HF and visualization of the plasmid and released insert on an agarose gel. 
4.3.2. Protein expression and purification 
 E. coli BL21(DE3) cells were transformed with pRSET/I277 and grown in Lennox LB medium (10 
g/L tryptone, 5 g/L yeast extract, 5 g/L NaCl; Fisher Scientific) at 37°C to an OD600 (optical density at 
600 nm) of 0.4. Expression of I277 was induced with 0.5 mM isopropyl β-D-1-thiogalactopyranoside 
(IPTG; Fisher Scientific) for 3-4 hours at 37°C. The bacterial cultures were pelleted by centrifugation at 
5,000 rpm for 10 min in a Sorvall RC-5C Plus centrifuge equipped with a GS3 rotor. Cell pellets were 
frozen at -20°C overnight, then thawed and lysed by resuspension in lysis buffer (BugBuster protein 
extraction reagent (Novagen) supplemented with 25 units/mL DNaseI (NEB), 1x cOmplete EDTA-free 
protease inhibitor cocktail (Roche), and 20 mM imidazole (Sigma-Aldrich)). The cell lysate was rocked in 
lysis buffer 15 minutes at room temperature, then clarified by centrifugation at 17,000 rpm for 45 min at 
4°C in a Sorvall RC-5C Plus centrifuge equipped with an SS34 rotor. The clarified lysate was filtered 
through a 0.45-μm filter (Sarstedt) before loading onto a column (Bio-Rad) packed with Ni-NTA (nickel-
nitrilotriacetic acid) Agarose (Qiagen). The column was washed with 50 mM imidazole in phosphate-
buffered saline (PBS), and protein was eluted with 250 mM imidazole in PBS. Fractions that contained 
purified I277 protein were combined and exchanged into PBS using Amicon Ultra-15 50 kDa MWCO 
(molecular weight cut-off) centrifugal filters (EMD Millipore). Purified protein was stored at -20°C in 
50% PBS/50% glycerol (Fisher Scientific). 
 The I273-αcatM-I273 protein was expressed and purified following the protocol described above, with 
the following modifications. Expression of I273-αcatM-I273 was induced at an OD600 of 0.6 with 0.1 mM 
IPTG overnight at 18°C. Cell pellets were lysed immediately after centrifugation. The lysis buffer was 
supplemented with additional protease inhibitors: 1 mM phenylmethylsulfonyl fluoride (PMSF), 0.6 μM 
aprotinin, 20 μM leupeptin, and 1 μM pepstatin A (Fisher Scientific). The I273-αcatM-I273 protein was 
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further purified by size exclusion chromatography on a HiPrep 16/60 Sephacryl S-300 HR column (GE 
Healthcare Life Sciences). Purified protein was stored at -20°C in 50% Tris buffer (20 mM Tris pH 8.0, 
150 mM NaCl; Fisher Scientific)/50% glycerol. 
4.3.3. AFM measurements 
 Glass microscope slides (Fisher Scientific) were cleaned by soaking for 30 minutes in 10% NaOH 
(Fisher Scientific), followed by thorough rising with ultrapure water (Milli-Q, EMD Millipore) and 
drying with N2 gas (Airgas). AFM measurements were performed in buffer droplets contained within a 
barrier that was drawn on the glass substrate with a Liquid Blocker Super PAP Pen mini (Daido Sangyo). 
Measurements of I277 or I273-αcatM-I273 were carried out in PBS or 20 mM Tris pH 8.0, 150 mM NaCl, 
respectively. Protein solution (100 μL, 0.1-0.2 μM) was incubated on the glass substrate for 20-30 
minutes. The substrate was washed 2-3 times with buffer, then the cantilevers were immersed in the 
buffer droplet covering the protein-coated substrate. 
 Force measurements were carried out using a Molecular Force Probe (MFP)-1D  (Asylum Research) 
controlled by custom software (Asylum Research) written in Igor Pro (WaveMetrics). Cantilevers (Si3N4 
V-shaped, MLCT, Bruker AFM Probes) were mounted in the AFM head and equilibrated by incubating 5 
minutes in buffer. A Fibre-Lite MI-150R high intensity illuminator (Dolan-Jenner Industries) was used 
for illumination while focusing the laser onto the cantilever. The inverse optical lever sensitivity 
(InvOLS), which describes the photodiode response (in V) as the cantilever bends (distance in nm), was 
calibrated by pressing the cantilever against a bare glass substrate. The cantilever spring constant was 
calibrated by the thermal method, based on the equipartition theorem.81 Continuous measurements were 
performed by bringing the cantilever into contact with the protein-coated substrate and retracting at a 
pulling speed of 400 nm/s. The contact force (the maximum force exerted on the cantilever) was kept at 
~500 pN using a delayed, relative set point, which reversed the piezo movement when the piezoelectric 
controller reached the point at which the force on the cantilever had reached 500 pN in the previous force 
curve. 
 Force-extension curves were fit to the wormlike chain (WLC) model using the Asylum Research 
MFP software. The persistence length was constrained to 0.4 nm,76 and the contour length (LC) was 
obtained from the fit to each peak. The contour length increment ΔLC describes the unfolded length of the 
most recently unfolded domain, which was correlated to unfolding of specific protein domains by 
estimating a contribution of 0.365 nm from each amino acid in the unfolded chain.85 The histogram of 
rupture forces was generated and fit to a Gaussian distribution using OriginPro software (OriginLab). 
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Chapter 5. Conclusions and future directions 
5.1. Conclusions 
5.1.1. Role of salt bridges in α-catenin activation 
 Biolayer interferometry (BLI) and Fӧrster resonance energy transfer (FRET) measurements, as well 
as molecular dynamics (MD) simulations, compared wild-type (WT) α-catenin with salt-bridge mutants 
that eliminated a crucial salt bridge (R551-D503) within the M domain salt-bridge network to establish 
that disruption of the salt-bridge network promotes the tension-dependent exposure of the vinculin-
binding site (VBS). BLI measurements of α-catenin binding to constitutively active vinculin quantified 
the impact of the R551A mutation on the equilibrium constant between the autoinhibited and active 
conformers. Measurements of live cells expressing a FRET-based conformation sensor revealed a larger 
population of unfurled α-catenin for the salt-bridge mutants R551A and D503N, relative to WT. 
Equilibrium MD simulations demonstrated the destabilization of the MII-MIII interface of the salt-bridge 
mutants relative to WT. A constant-force SMD simulation of force-induced unfolding of the WT α-
catenin M domain suggested that α-catenin activation proceeds through an intermediate with altered 
interdomain contacts. This intermediate conformation contains a novel load-bearing salt bridge between 
MI and MIII (R326-D536) that ruptures just before α-catenin unfurling. Together, these results reveal that 
salt bridges within the M domain define the force sensitivity of α-catenin, deepening our understanding of 
how α-catenin acts as a nanomachine to trigger the reinforcement of cell-cell junctions in response to 
tension. 
5.1.2. Force-induced strengthening of α-catenin/actin binding 
 Molecular dynamics (MD) simulations suggested that force-induced unfolding of α1-helix, a short α-
helix at the N-terminus of the α-catenin actin-binding domain (ABD), regulates actin binding under 
tension by promoting the high-affinity conformation of the α-catenin ABD. Constant-force simulations 
demonstrated that tension applied to the ABD unfolds α1-helix while leaving the main α-helix bundle 
intact. Equilibrium simulations comparing the WT αN-catenin ABD with a mutant (H1) that unfolds α1-
helix revealed that unfolded α1-helix allosterically promotes exposure of the key actin-binding residue 
V795. These results elucidate how force-dependent conformational changes in the α-catenin ABD 
promote robust actin binding under tension, which allows stressed cells to maintain their connections to 
adjacent cells and thus preserves the integrity of multicellular structures such as tissues. 
5.1.3. Force-induced unfolding of the α-catenin M domain 
 Single-molecule force measurements of the force-sensing region of α-catenin suggested the relatively 
low mechanical stability of the α-catenin M domain, and occasionally resolved the sequential unfolding of 
the individually folded α-helix bundles (MI-MIII) within the M domain. Although the similar sizes of MI-
MIII precluded definitive correlation of the observed unfolding peaks to specific domains, the results are 
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consistent with the unfolding of MI at low force, followed by the unfolding of MII-MIII. This behavior is 
predicted by the current model of tension-dependent α-catenin activation: applied force activates α-
catenin by partially unfolding the M domain, exposing the vinculin-binding site (VBS) within MI. 
5.2. Future directions 
 Experimental evidence is needed to support the existence of the potential intermediate conformation 
identified by a constant-force SMD simulation (Chapter 2). Investigation of the impact of mutations 
eliminating the proposed load-bearing salt bridge (R326-D536) will be an important step towards this 
goal. Future work might identify and examine other intermediate-specific interactions. Additionally, 
equilibrium MD simulations starting from the intermediate structure could probe the thermodynamic 
stability of the intermediate, as well as determine whether the simulated M domain returns to the 
autoinhibited conformation in the absence of tension. 
 The proposed role of salt bridges in modulating force-dependent α-catenin activation (Chapter 2) 
could be further bolstered by investigating the disruption of the M domain salt-bridge network by means 
other than mutation of specific amino acid residues. For example, magnetic tweezers-based single-
molecule force-clamp measurements of α-catenin unfurling should show decreased lifetimes of the 
autoinhibited state as the ionic strength of the buffer increases. 
 Although most studies of α-catenin activation have focused on vinculin binding, the α-catenin M 
domain contains binding sites for many other actin-binding proteins, such as α-actinin and formins. 
Future work would investigate whether binding to these proteins is also tension-dependent, perhaps by a 
magnetic tweezers-based assay similar to the one used to demonstrate force-dependent vinculin binding. 
These studies would be complemented by in vivo studies of accumulation of α-catenin binding partners at 
junctions and potential downstream effects. 
 Studies of the α-catenin ABD (Chapter 3) provide a solid foundation for future study of the 
mechanism of α-catenin/actin binding under force, which might include the in vivo demonstration of α-
catenin dimerization through the ABD and direct evidence of conformational flipping of V795/796 (αN-
/αE-catenin). Additionally, although several α-catenin residues have been implicated in actin binding, 
high-resolution structural data is needed to define the precise actin-binding site and validate the proposed 
mechanism. 
 Finally, the potential interplay between tension-dependent conformational changes in the M domain 
and the ABD is an intriguing area for future study. Given the demonstrated reduction in the C-terminal 
ABD affinity for actin induced by binding of β-catenin through the N-terminal domain, similar allosteric 
coupling between the ABD and M domain conformations is certainly possible. Quantification of vinculin 
binding to full-length α-catenin harboring the H1 mutation would evaluate whether partial unfolding of 
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the ABD promotes unfurling of the M domain. Conversely, comparison of actin binding by WT and 
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